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1. Introduction
Alzheimers disease (AD), Parkinsons disease (PD),
type II diabetes mellitus, and several other age-related
neurodegenerative and systemic disorders are protein-mis-
folding diseases characterized by the accumulation of insolu-
ble protein deposits. These protein deposits are composed of
b-sheet-rich fibrillar aggregates, or amyloids, and are made of
a single protein. The amyloid-b (Ab) peptide is the main
constituent of the senile plaques in the brains of AD
patients.[1] Similarly, a-synuclein fibrils are the primary
constituents of the fibrillar neuronal inclusions, or Lewy
bodies, observed in the brains of PD patients.[2] Furthermore,
the pathology of type II diabetes mellitus is characterized by
an extracellular accumulation of amyloid plaques that are
composed mainly of islet amyloid polypeptide (IAPP) near
pancreatic b cells.[3]
Amyloidogenic proteins, including Ab, IAPP, and a-
synuclein, are produced as soluble proteins and are converted
into lower-molecular-weight soluble oligomers of b sheets
(such as dimers, trimers) in a nucleation-dependant manner.
Further protein accumulation forms higher-molecular-weight
protofibrillar oligomers, which are then converted into the
insoluble fibrils that make up amyloid plaques (Scheme 1).
Low-molecular-weight and higher-molecular-weight oligo-
mers are collectively referred to as prefibrillar aggregates.
Increasing evidence supports the hypothesis that the
prefibrillar intermediates, rather than the final mature
amyloid fibrils themselves, are the primary toxic species
which trigger pathological processes that lead to disease.[4] It
has been demonstrated that oligomeric forms of Ab are toxic
to primary neurons, inhibit hippocampal long-term potentia-
tion, and cause memory impairment in rat or mouse models.[5]
These results have spawned what is referred to as the “toxic-
oligomer hypothesis”.[4c,6] The similar morphological features
and toxic properties shared by protofibrillar aggregates
derived from various amyloid-forming proteins suggest that
common mechanisms of aggregation and toxicity underlie the
pathogenesis of amyloid-related diseases.[7] However, it is not
likely that a single mechanism is solely responsible for the
onset of neurodegeneration, but rather a combination of
many. Nonetheless, increasing evidence indicates the cell
membrane as a common target for oligomeric forms of
amyloidogenic proteins.[7,8]
Biophysical investigations and mechanistic studies with
simplified model membrane systems have contributed to our
fundamental understanding of the interactions between
amyloid-forming proteins and membranes. Remarkably,
these investigations have demonstrated that the interactions
between amyloidogenic proteins and membranes result in
mutually disruptive structural perturbations of both the
protein and the membrane.[9] On one hand, membrane
surfaces, depending on their chemical composition, can
serve as catalytic sites that promote the misfolding and
aggregation of bound amyloidogenic proteins (Scheme 1).[10]
On the other hand, amyloidogenic proteins disrupt membrane
structural integrity by enabling the unregulated passage of
small molecules and ions through the membrane (Sche-
me 1).[4a,b,11] Extrapolation of these findings to the situation in
vivo indicates the loss of membrane critical ion gradients and
cell-membrane depolarization in response to interactions
with oligomeric structures of amyloidogenic proteins. The
exact mechanisms for membrane permeabilization by amy-
loidogenic proteins have not yet been fully uncovered, but
experimental results have led to several proposed mechanistic
models. Experiments have supported evidence for trans-
membrane oligomeric pore structures reminiscent of those of
pore-forming toxins,[7b,12] nonspecific binding of amyloid
oligomers to the membrane surface,[4a,b] and detergent-like
membrane dissolution by amyloid fibrils growing on the
membrane surface[13] (Scheme 1).
Despite the growing number of reports linking the toxicity
of amyloid proteins with their disruption of membrane
integrity, there remains a knowledge gap regarding the
molecular-level details by which amyloid-forming proteins
The toxicity of amyloid-forming proteins is correlated with their
interactions with cell membranes. Binding events between amyloido-
genic proteins and membranes result in mutally disruptive structural
perturbations, which are associated with toxicity. Membrane surfaces
promote the conversion of amyloid-forming proteins into toxic
aggregates, and amyloidogenic proteins, in turn, compromise the
structural integrity of the cell membrane. Recent studies with artificial
model membranes have highlighted the striking resemblance of the
mechanisms of membrane permeabilization of amyloid-forming
proteins to those of pore-forming toxins and antimicrobial peptides.
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act on the membrane and induce membrane permeabiliza-
tion. Other questions remain concerning the variation of the
permeabilization mechanism depending on the protein oligo-
meric state and identity, as well as the remarkable partic-
ipation of the membrane itself in the formation of the protein
oligomeric species which induce its structural breakdown.
The aim of this Review is to highlight and summarize
recent literature on model systems that have contributed
insight into the mechanisms by which: 1) membrane surfaces
influence the folding, oligomerization, and fibril formation of
amyloidogenic proteins, and 2) how these oligomeric protein
structures disrupt membrane structural integrity. We present
the current mechanistic models explaining amyloid-induced
membrane permeabilization, including experimental results
that support or disfavor each model. A third aim of this
Review is to highlight the various membrane model systems
and experimental tools available for probing the interactions
between amyloidogenic proteins and membranes to inves-
tigate the key mechanistic aspects which underlie cytotoxi-
city.
This Review focuses primarily on the results obtained for
Ab, a-synuclein, and IAPP in recent years (2006–2009). These
proteins were chosen on the basis of the wealth of important
recent discoveries, which may be relevant to the activity of
other amyloid-forming proteins, as well as for their prominent
role in Alzheimers disease, Parkinsons disease, and type II
diabetes mellitus. Less detailed results on the prion proteins
are also presented, particularly those that emphasize mech-
anistic analogies with the amyloid-forming proteins. The
studies presented are primarily based on simplified model
membranes as scaffolds, in which the complex interplay of the
molecular mechanisms that underlie these mutual structural
perturbations may be elucidated in a relatively controlled and
systematic manner.
It is our hope that this Review will provide a compre-
hensive overview of current knowledge on the mechanism of
action of amyloidogenic proteins on membranes and will
stimulate further research in this area to fill the knowledge
gap. An improved mechanistic understanding of the toxic
activity of amyloid-forming proteins on membrane systems is
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Scheme 1. Interconnectivity between amyloid formation and membrane disruption. Top: The process of amyloid-fibril formation. Amyloid
formation involves the misfolding of soluble proteins into b-sheet oligomers, which further aggregate into protofibrils, including ringlike annular
protofibrils, and then into amyloid fibrils. Bottom: The role of membranes in amyloid formation and toxicity. Soluble proteins bind to membrane
surfaces with a shift to an a-helix structure. The accumulation of proteins on the surface of the membrane induces their oligomerization into b-
sheet aggregates. When a critical threshold concentration is reached, a transmembrane pore (annular protofibril) develops in the membrane and
enables the leakage of membrane contents. As other possible or coexistent mechanisms, annular protofibrils formed in solution may insert into
the membrane, undefined prefibrillar aggregates may bind to the membrane surface and induce membrane thinning, and lipids may be extracted
from the membrane and incorporated into the developing fibril in a detergent-like process.
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crucial for the advancement of our fundamental understand-
ing of amyloid-related diseases as well as for the development
of much needed prevention and therapeutic strategies.
2. Protein Misfolding and Fibril Formation at
Membrane Surfaces
Numerous studies have demonstrated that lipid mem-
branes can accelerate or even catalyze the conversion of
amyloidogenic proteins into misfolded toxic aggregates.[9] As
amyloid proteins and lipids share an amphipathic structure,
the association of amyloid proteins with membrane surfaces is
conceptually a natural scenario. For cationic proteins, such as
Ab and IAPP, and the membrane-binding N-terminal region
of a-synuclein,[14] the initial binding event is driven largely by
electrostatic interactions between basic side chains and
anionic lipid headgroups.[10b] Further hydrophobic contacts
with the buried acyl chains, as well as the subsequent
accumulation of protein on the membrane surface, increases
the local protein concentration and facilitates the aggregation
process.[10b] Therefore, depending on the composition of the
membrane and its chemical properties, membranes are
capable of providing a template for the misfolding and
ordering of amyloidogenic proteins into fibrils.[10a] In this
section, we review the most recent investigations with
membrane model systems into the role of lipid membranes
in templating the formation of toxic aggregates and amyloid
fibrils.[9]
2.1. Nucleation Polymerization Pathway for Fibrillogenesis and
Possible Mechanisms for Membrane-Assisted Aggregation
In the absence of catalysis, amyloid proteins follow a
nucleation polymerization pathway that is characterized by
an initial lag phase dominated by monomeric constituents,
followed by an unfavorable conformational shift to a b sheet
and the assembly of monomers into oligomeric “nuclei”,
which then assemble into higher-order protofibrils
(Figure 1).[15] The nucleus cooperatively and rapidly elongates
through monomer addition into the growing protein polymer
according to a sigmoidal kinetic curve (Figure 1).[16] In vitro,
the nucleation of Ab occurs above its critical micelle
concentration (CMC), which is in the range of 17.5–100 mm,
depending on the length of the peptide.[17] In fact, the
physiological concentration of Ab is orders of magnitude
below this level. It has been measured in the subnanomolar
range in cerebral spinal fluid.[18] This finding suggests that Ab
fibrillogenesis, as well as that of other amyloidogenic proteins,
follows an alternative mechanism in vivo: possibly a template-
assisted mechanism in which components in the local environ-
ment lower the free-energy barrier to nucleation. Data from
model systems point to the cell membrane as a likely catalyst
of fibril formation,[10,19] whereby the binding of proteins to the
membrane surface serves as a platform for nucleation and
further polymerization.[10b]
There are several possible mechanisms by which mem-
brane-surface binding can facilitate protein misfolding and
aggregation. Adsorption of the unfolded amphipathic peptide
to the membrane surface could reduce the conformational
entropy of the peptide and impart structural ordering, thereby
inducing the formation of secondary structure.[21] The ability
of membranes to induce regions of locally concentrated
proteins has also been referred to as “molecular crowding”.[22]
Bokvist and Grbner recently demonstrated the influence of
molecular crowding on Ab conformational shifts in the
presence of model membrane surfaces. Ficoll 70, a large,
neutral crowding polymer, was able to promote the con-
formational transition of vesicle-bound Ab to a b-sheet
structure.[23]
In addition to increasing the local protein concentrations,
other factors have been proposed to play a role in membrane-
mediated fibrillogenesis. Lowering of the local solvent
dielectric constant by themicroenvironment of themembrane
surface may facilitate the formation of peptide–peptide
hydrogen bonds in the b-sheet aggregate.[24] The reduction
of the dimensionality from three dimensions in solution to
approximately two dimensions on the membrane interface
can also introduce spatial restrictions that favor the fibril-
formation pathway.[22]
2.2.Membrane-Binding Regions of Ab, IAPP, and a-Synuclein
and the Role of a-Helical Intermediates
In many cases, membrane-mediated protein misfolding
and fibril formation proceeds via transiently populated a-
helical intermediates (Scheme 1).[25] Depending on the rela-
tive peptide-to-lipid concentration,[11b] Ab,[26] IAPP,[27] and a-
synuclein[28] have all been shown to shift to an a-helical
structure uponmembrane binding. This transformation would
appear to be a counterproductive pathway in terms of fibril
formation.[21] Even in an a-helical state, however, the
anchoring of the aggregation-prone peptides to the mem-
brane surface will enhance the local protein concentration in
the immediate microenvironment and thus favor conforma-
tional switching to a b-sheet structure and protein aggrega-
tion.[10b,25] Conformational shifting from a random coil free in
Figure 1. Depiction of the nucleation polymerization pathway for
amyloid fibrillogenesis (adapted from reference [20]).
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solution to a membrane-bound a helix and then to a b-sheet
aggregate upon sample aging has been reported for Ab[26a]
and IAPP;[27b,29] thus, this transformation seems to be an
underlying mechanism in membrane-mediated fibrillogenesis.
The existence of a-helical states prior to b-sheet formation
has also been detected during fibril formation of non-
membrane-bound Ab and IAPP in solution.[25,27a,30] Herein,
we outline what is currently known concerning the structures
of the membrane-bound a helices for Ab, IAPP, and a-
synuclein, as well as the key regions involved in the mediation
of their interactions with membranes.
2.2.1. Ab
The Ab peptide is a 39–42 residue peptide that is
produced by sequential cleavage of the transmembrane
amyloid precursor protein (APP) by b- and g-secretase
(Figure 2). The peptide contains six negatively charged
residues, six positively charged residues, and a hydrophobic
C terminus. Earlier model studies with micelles or membrane-
mimicking solvents, such as trifluoroethanol (TFE) or hexa-
fluoroisopropanol (HFIP), established that Ab40 and Ab42
adopt a-helical structures in the presence of membrane
mimics. However, the region of the protein which adopts
helical structures is strongly dependent on experimental
conditions.[26b–d,31] Fletcher and Keire observed a helical
structure in the region comprising residues 16–24 in fragment
Ab(12–28) in the presence of SDS micelles (3 mm).[26b] Other
studies with SDS or dodecylphosphocholine (DPC) micelle
models showed the presence of a-helical structures in the
central regions (12–36) flanked by unstructured N and
C termini,[26c,31a] as well as helix–loop–helix regions in both
Ab40 and Ab42.[26d]
2.2.2. IAPP
Human IAPP (hIAPP) is a 37 residue peptide hormone
with a disulfide bridge between residues Cys2 and Cys7 that
constrains the first four residues in a disordered hairpin loop
(Figure 2).[32] The peptide has several cationic residues which
mediate contacts with anionic membranes, and a hydrophobic
C-terminal region (residues 30–37). Residues 23–29 form a
highly amyloidogenic fragment which may be involved in
initiating protein aggregation.[27c]
Resolution of the a-helical conformation of the SDS-
micelle-bound peptide by NMR spectroscopy showed the
presence of a core helix composed of residues 5–28 and a
disordered C terminus.[32] The truncated peptide hIAPP1–19
also binds to membranes with a simultaneous shift to a a-
helical structure, but does not fibrillate.[33]
By using paramagnetic colliders on site-directed spin-
labeled IAPP derivates, Langen and co-workers were able to
elucidate the structure of IAPP bound to anionic POPS-
containing vesicles.[27c] Residues 9–22 of membrane-bound
IAPP formed an amphipathic a helix parallel to the mem-
brane surface (Figure 3). The hydrophobic face of the helix
was the least accessible to polar paramagnetic colliders,
indicating the penetration of hydrophobic residues into the
membrane and solvent exposure of the polar face of the helix.
The helix was flanked by unfolded conformations, and the
amyloidogenic residues 23–29 remained unstructured and
exposed to the solvent. The authors proposed that surface
accumulation of IAPP, as well as other factors, such as a
lowered solvent dielectric constant at the membrane surface,
facilitates the conformational transition of the peptide
(initiated by the amyloidogenic fragment 23–29) into b-
sheet aggregates.[27c,28a] A membrane-bound a-helical confor-
mation of IAPP anchored to anionic POPG monolayers
through interactions with the cationic N-terminal region was
also detected by infrared reflection absorption spectrosco-
py.[29] Shifts in the membrane-bound IAPP from an initial a-
helical conformation to b-sheet networks were observed by
monitoring the characteristic wave numbers for a helices and
b sheets over a 15 hour period.[29]
Figure 2. Sequences of Ab42, the human form of IAPP (hIAPP), and a-
synuclein. For Ab42 and hIAPP, residues that have been observed to
bind to membranes with the induction of a-helical structure are
underlined. For a-synuclein, the 11-mer repeats involved in membrane
binding are underlined, the NAC region is italicized, and the C-terminal
acidic region is in bold.
Figure 3. Membrane-bound structure of hIAPP derived from site-
directed spin labeling.[27c]
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2.2.3. a-Synuclein
The sequence of a-synuclein can be divided into three
main regions: 1) the N terminus (residues 1–60), which binds
to membrane surfaces with a concomitant conformational
shift to an a-helical structure;[14,28a,d,34] 2) the middle hydro-
phobic region, or non-amyloid component (NAC) region,
which comprises residues 60–95 and displays a high tendency
to aggregate into b-sheet-rich amyloid fibrils; and 3) the
acidic C-terminal region (residues 95–140), which is highly
negatively charged and unstructured (Figure 2).[35]
The N-terminal membrane-binding region contains seven
amphiphilic Lys-Thr-rich 11-residue imperfect repeats, which
extend into the NAC region, and which have been referred to
as the membrane-binding “hot spots” of the protein
(Figure 2).[14] A combination of NMR spectroscopy and
molecular dynamics (MD) simulations have suggested that
the N-terminal residues adopt a slightly underwound a-11/3
helix (11 residues per 3 complete turns), as opposed to the
canonical a-18/5 helix, to optimize the amphiphilicity of the
membrane-bound helix.[36] In MD simulations, the hydro-
phobic face of the a-11/3 helix contacts the membrane, the
anionic face is directed toward the solvent, and the Lys-Thr
repeats lie at the polar/nonpolar interface of the membrane.
Deletion of the N-terminal residues led to the attenuation of
a-synuclein toxicity toward yeast, indicating the toxicity of a-
synuclein is correlated with its binding to membranes through
N-terminal residues.[35,37]
Depending on the surface curvature of the model
membrane, membrane-bound a-synuclein can adopt an
extended a-helix,[28d] a bent a-helix,[28a] or an antiparallel
helix–turn–helix conformation.[28b,c,34b] a-Synuclein bound to
SDS micelles adopts an antiparallel helix–turn–helix confor-
mation to accommodate the high surface curvature of the
membrane (Figure 4a).[28b] Bent a-helical structures for
vesicle-bound a-synuclein were determined by site-directed
spin labeling (Figure 4b),[28a] and a fully extended a helix was
demonstrated for a-synuclein bound to large vesicles[34c] or
bicelle model membranes which present a flattened mem-
brane surface (Figure 4c).[28d] In all cases, however, the C-
terminal region did not contact the membrane and remained
unstructured. Extended a-helical structures of membrane-
bound a-synuclein more likely represent the situation in vivo,
in which membrane surfaces have relatively low curvature.
Even aged samples of a-synuclein, with an expected b-sheet
oligomeric conformation, were shown to bind to vesicles with
the induction of a-helical structure.[38] Direct evidence for a
subsequent shift to b-sheet aggregates is lacking for a-
synuclein, and studies have demonstrated both the inhibition
of fibril formation with PG/PC vesicles[39] and the enhance-
ment of fibril formation with brain membranes.[40] Although
the acceleration of a-synuclein-fibril formation in the pres-
ence of micelles was reported by Necula et al. ,[41] the
existence of helical intermediates was not demonstrated in
this case.
2.3. Factors Influencing Membrane-Mediated Fibril Formation
In this section, we examine recent results demonstrating
the acceleration of fibril formation in amyloidogenic proteins
in the presence of certain membrane compositions and under
certain experimental conditions, with a focus on: 1) anionic
lipids, 2) ganglioside clusters, cholesterol, and lipid rafts,
3) the influence of metal ions, and 4) the role of the peptide-
to-lipid ratio.
2.3.1. Anionic Lipids
The preference for Ab binding to membranes with anionic
lipid headgroups is a recurring observation.[10a,23,42] By using
X-ray- and neutron-scattering techniques, Lee and co-work-
ers demonstrated that Ab40 inserts spontaneously into
anionic DPPG rather than zwitterionic DPPC lipid mono-
layers.[10a] Only the DPPG monolayers were capable of
inducing the crystalline ordering of Ab to give diffraction
patterns reminiscent of b-sheet aggregates.[10a] The interaction
between Ab40 and DPPG was abolished, however, upon
raising the pH value to 7.4, Ab becomes anionic and repels
the anionic lipid headgroups. The authors further confirmed
the fibril-templating effect of PG headgroups by incubating
Ab with POPC vesicles containing 30% POPG in water,
which resulted in the acceleration of fibril formation. They
proposed that the exposure of anionic lipids on the outer
leaflet of cell membranes as a result of oxidative stress may be
a trigger for fibrillogenesis in vivo.
Figure 4. a-Helical conformations of a-synuclein bound to various
model membranes. a) Superposition of 20 structures of a-synuclein
bound to SDS micelles (reproduced from reference [28b]). The struc-
tures, which were derived by NMR spectroscopy, show a frayed
C terminus. b) Bent a helix of vesicle-bound a-synuclein, as derived
from site-directed spin labeling (reproduced from reference [28a]).
c) Extended a-helical conformation of bicelle-bound
a-synuclein (reproduced from reference [28d]).
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In an assay based on Frster resonance energy transfer
(FRET) with tryptophan-labeled Ab40, Wong et al. observed
a dramatic enhancement in Ab40 binding to DPPC vesicles
upon the incorporation of 30% anionic DPPG head-
groups.[11b] Enhanced blue shifting of the tryptophan label in
the presence of the anionic vesicles demonstrated peptide
penetration into the anionic liposomes.[11b] PG-containing
vesicles induced a b-sheet conformation in Ab40 as well as
peptide oligomerization.[11b]
The induction of fibril formation on anionic membranes
has also been observed with IAPP[27b,d] and a-synu-
clein.[34a,38,43] The binding of IAPP to anionic membranes
containing PS or PG was shown to dramatically enhance its
fibril formation.[19,21,24,27d] X-ray reflectivity measurements
demonstrated lipid-induced fibril nucleation of IAPP in the
presence of anionic mixedDOPC/DOPGmonolayers, but not
with purely zwitterionic DOPC monolayers.[44] Increases in
anionic-headgroup content in mixed vesicles have been
shown to promote the binding of a-synuclein monomers[34a,45]
and oligomers.[46] Furthermore, the propensity of a-synuclein
to cluster on the membrane surface has been shown to
increase with increasing membrane anionic-lipid content.[43]
The promotion of a-synuclein-fibril formation was also
demonstrated in the presence of anionic micelles.[41]
2.3.2. Ganglioside Clusters, Cholesterol, and Lipid Rafts
In the outer membrane leaflet, ganglioside lipids cluster
with sphingomyelin and cholesterol to form rigid micro-
domains known as lipid rafts, which are characterized by slow
lateral diffusion of the lipid acyl chains as well as detergent
resistance.[47] Ganglioside lipids are a class of glycolipids that
contain an anionic sialic acid headgroup and are prevalent on
neuronal cells.[48] The ganglioside content, cholesterol con-
tent, and overall fluidity (ordered versus disordered) of
membranes have all been shown to be important factors in the
anchoring of amyloidogenic proteins to membranes and have
been shown to influence their fibrillization rates.[49]
The enhanced binding of Ab and acceleration of fibril
formation with ganglioside-containing membranes has been
reported on several occasions.[26a,42a,50] In fact, ganglioside
clusters have been proposed byMatsuzaki to form sites on the
cell membrane that are designated for the sequestering of Ab
after cleavage from the amyloid precursor protein (APP) and
the seeding of its fibril formation (Figure 5).[42a] In support of
this hypothesis, correlations exist between the ganglioside
content in the cell membrane and the occurrence of AD.[42a,51]
Ganglioside clusters have recently been targeted with com-
pounds that bind to the membrane and inhibit Ab aggregation
on its surface as well as the associated toxic effects of Ab on
PC12 cells.[52]
The binding of Ab to ganglioside-containing membranes
induces a random-coil-to-a-helix transition at low peptide/
lipid ratios ( 0.025), and at higher peptide/lipid ratios
( 0.05) promotes the adoption of a b-sheet conformation,
which then triggers fibril formation (Figure 5).[26a] The
incubation of Ab40 with the monoganglioside GM1 in a 1:1
molar ratio induced b-sheet formation and aggregation in the
peptide after 12 hours.[26a] Under the same conditions in the
absence of GM1, Ab remained monomeric and unstructured.
Interestingly, Ab40 fibrils formed in the presence of GM1
showed a higher cytotoxicity on PC12 cells than those formed
without GM1 and exhibited distinct morphological features
by TEM.[26a] This result suggests that gangliosides interact
with Ab to produce structurally unique fibrillar structures
with enhanced cytotoxcity. The accelerated b-sheet formation
and aggregation of Ab in the presence of raftlike liposomes
containing GM1, cholesterol, and sphingomyelin has also
been reported.[50] The resulting Ab fibers demonstrated a
unique structural morphology and increased cytotoxicity.[50]
The existence of GM1 in a raftlike membrane environment
was proven to be essential for triggering Ab-fibril formation,
as no induction of b-sheet aggregates was observed with
raftlike sphingomyelin/cholesterol liposomes in the absence
of GM1, nor with mixed GM1/PC liposomes.
The accumulation of IAPP amyloid deposits on mem-
branes containing ganglioside-rich domains has been demon-
strated by fluorescence imaging.[53] A direct correlation was
observed between the amount of IAPP fibrils deposited on
membranes and the membrane ganglioside content; this
relationship suggests that a high ganglioside content stim-
ulates IAPP-fibril formation in vivo.[53] Prion proteins have
also shown a clear preference for binding to GM1/cholesterol/
spingomyelin-containing vesicles as monomeric a helices,
which suggests that lipid rafts also play a role in the anchoring
of prion proteins to membranes.[54]
In contrast to the reported accumulation of Ab, IAPP, and
prion proteins on ordered lipid-raft domains, a-synuclein
showed a preference for localization on liquid-disordered
phases in anionic vesicles.[45] In a separate study, oligomeric
preparations of a-synuclein also showed a preference for
binding to liquid-disordered regions, as determined by
fluorescence microscopy.[46] The greater packing density of
anionic headgroups on the surface of liquid-ordered phases in
lipid rafts was proposed to repel the negatively charged
C terminus of a-synuclein.[46]
Conflicting results have indicated that cholesterol can
either inhibit[55] or promote[56] Ab40 penetration into model
liposomes, depending on the molar ratio of cholesterol in the
membrane. In neuroblastoma cells, cholesterol enrichment in
lipid-raft domains has been shown to prevent the cell-surface
association of Ab42 oligomers.[57] These reports suggest that a
specific mole fraction of cholesterol within lipid rafts is
necessary for the promotion of Ab surface binding.[56]
Furthermore, AFM images showed a marked decrease in
the number and size of IAPP particles accumulated on the
surface of PC:PS planar lipid bilayers upon the incorporation
Figure 5. Templating of Ab-fibril formation on ganglioside clusters in
lipid rafts.
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of cholesterol into the membranes, which suggests that the
membrane cholesterol content also influences IAPP fibrillo-
genesis.[58]
2.3.3. Influence of Metal Ions
Elevated levels of metal ions have been reported in the
substantia nigra of PD patients,[59] and Cu2+, Fe3+, and Zn2+
ions are found concentrated in neuronal plaques of AD-
afflicted patients.[60] It is therefore thought that metal ions
may influence the aggregation and toxicity of amyloidogenic
proteins.[61] In vitro, certain metal ions influence the structure
and fibrillization rates of amyloidogenic proteins.[62] For
example, the addition of metal cations, such as Cu2+, Fe3+,
and Co3+, was shown to induce secondary structure in a-
synuclein and significantly accelerate fibril formation.[63]
In vitro studies have also indicated that metal ions can
mediate the interaction between amyloid proteins and
membranes. Interestingly, the addition of Ca2+ and other
heavy-metal ions to monomeric a-synuclein was shown to
rapidly produce annular pore-shaped oligomeric a-synuclein
of varying diameters.[6,64] However, the failure of C-terminally
truncated versions of a-synuclein to adopt annular structures
indicates that metal-cation binding is mediated by interac-
tions with the acidic C terminus. Annular oligomers have
been proposed to be possible toxic species that target
membranes;[7,12b,65] thus, elevated concentrations of metal
cations may stimulate toxic interactions between a-synuclein
oligomers and membranes. Indeed, detergent-resistant oligo-
meric structures of a-synuclein that exhibit membrane con-
ducting activity were induced with Fe3+.[66] Furthermore, the
clustering of a-synuclein on the surface of anionic POPG/PC
bilayers was facilitated in the presence of divalent metal
cations.[43] It is possible that metal cations facilitate the
interaction of the anionic C terminus of a-synuclein with
anionic membranes through partial charge neutralization of
the membrane or by forming coordination bridges.
Earlier studies showed that Zn2+ and Cu2+ ions induced
Ab42 insertion into POPC/POPS vesicles at pH 5.5–7.5 with a
corresponding induction of a-helical structure.[55] In the
absence of the metal cations, Ab42 was only able to penetrate
the membrane below pH 5.5, which indicates that an increase
in Ab42 positive charge either through lowering of the
pH value or through metal-cation complexation enhances
Ab42 binding to membranes. More recently, 31P and 2H NMR
solid-state NMR spectroscopic studies demonstrated that
Cu2+ ions alone disrupt model membranes and induce the
formation of smaller vesicles.[67] Ab42 added to the system
protected the membranes from Cu2+ disruption, possibly by
scavenging the cations through coordination.[67,68] Ab42–Cu2+
complexes were able to associate with the surface of anionic
phospholipid membranes, as demonstrated by 31P NMR
spectroscopy.[67a]
2.3.4. Influence of the Peptide-to-Lipid Ratio
Conversion from a largely unfolded conformation into an
a helix upon membrane binding is a feature shared by
Ab,[11b,50,69] IAPP,[21,27a,b] and a-synuclein[28a–c,34c,38] that sug-
gests a common mechanism for membrane-mediated mis-
folding and aggregation in these and other amyloid-forming
proteins. Following initial membrane binding, the misfolding
of amyloid-forming proteins into b-sheet aggregates depends
critically on the relative concentrations of peptide and
lipid.[11b,27b] In studies reported by Wong et al., the addition
of increasing amounts of POPC/PG or DPPC/PG vesicles was
shown to shift the conformation of membrane-bound Ab40
from a b-sheet to an a-helical structure. This result led to a
compelling mechanistic model relating the relative peptide-
to-lipid concentration to the membrane-bound structure of
the protein:[11b] At low peptide-to-lipid ratios (high lipid
content), the adsorption of amyloid proteins to the membrane
surface effectively shields protein–protein interactions and
impedes fibrillogenesis. In this case, the a-helical conforma-
tion of the membrane-bound protein dominates (Figure 6).
When the relative peptide concentration is increased to a
critical peptide-to-lipid ratio, crowding of the protein on the
membrane surface stimulates protein–protein interactions,
a shift to a b-sheet structure, and fibril growth (Figure 6).
Thus, depending on the peptide-to-lipid ratio, membranes
can either inhibit fibrillogenesis at high relative lipid concen-
trations, or accelerate fibrillogeneis at lower or intermediate
concentrations. This mechanistic phenomenon has been
observed with both Ab[10a,11b,26c,50] and IAPP[21] in contact
with anionic membranes and parallels previously reported
mechanistic aspects of antimicrobial peptide–membrane
interactions.[70,71] As an example, at a constant peptide
concentration, Ab is a-helical in the presence of DPC
micelles at a concentration of 20 mm and is a b sheet in
the presence of DPC micelles at a concentration of
5.5 mm.[26c]
Figure 6. Influence of the peptide/lipid molar ratio on fibril-formation
rates, as proposed by Wong et al.[11b]
Protein–Membrane Interactions
Angewandte
Chemie
5635Angew. Chem. Int. Ed. 2010, 49, 5628 – 5654  2010 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim www.angewandte.org
2.4. Reversing Amyloid-Fibril Formation with Lipids
Remarkably, Rousseau and co-workers reported that
DOPC liposomes disassemble mature and inert Ab42 amy-
loid fibrils into soluble toxic protofibrillar species, thereby
inducing the reverse process of fibrillogeneisis.[72] The bio-
physical and toxicity characterization of the protofibrils
obtained from the reverse reaction showed that they were
identical to protofibrils obtained by the ageing of monomeric
Ab42. Widenbrant et al. corroborated this finding by dem-
onstrating the fragmentation of Ab fibrils into smaller
nanoassemblies in the presence of DOPA membranes.[73]
These results are in contradiction with the numerous reports
describing the acceleration of fibril formation on membrane
surfaces, rare examples of an attempt to monitor the influence
of lipids on the reverse process of fibril formation by using
developed fibrils as a starting point. Additional studies are
required to further validate this effect and to understand its
biological effect, possibly in fibril clearance.
3. Mechanisms of Amyloid-Mediated Membrane
Permeabilization
Increasing evidence indicates that the toxicity of amyloid-
forming proteins is directly correlated with their shared
ability to disrupt the membrane barrier function. The initial
discovery by Arispe and co-workers that Ab exhibits ion-
channel activity in planar lipid bilayers led to early proposals
that the toxicity of Ab is based on an ion-channel mechanism
that causes membrane depolarization, Ca2+ leakage, and a
disruption of ionic homeostasis.[8,12e–g,74] Channel activity was
later reported for a number of other amyloidogenic proteins,
including IAPP,[74c] a-synuclein,[11a,65,75] polyglutamine,[76] and
prion-derived peptides.[77] Thus, the toxicity of these proteins
may be related to their shared capabilities to form channels or
pores in membranes and to enable unregulated ion leakage in
analogy to the mode of action of the pore-forming toxins
(Scheme 1).[7b,12a,e] This conclusion is consistent with the fact
that a disruption of Ca2+-ion homeostasis is a characteristic
feature of several neurodegenerative diseases, including AD
and PD.[78] The direct visualization of annular, or ringlike,
structures of oligomeric protofibrils of several amyloidogenic
proteins by electron and atomic force microscopy added
additional fuel to the increasingly accepted amyloid-pore
hypothesis.[7,8, 12b,c,79]
Although the disruptive influence of amyloidogenic
proteins on membranes has become clear, the exact mecha-
nisms by which these proteins induce membrane permeabi-
lization are not yet fully understood. The amyloid-pore
hypothesis is one proposed mechanism, but other possibilities
have been supported by experimental results. For example,
several lines of experimental evidence argue against a pore
model and indicate that prefibrillar aggregates do not fully
penetrate the membrane, but rather associate with membrane
surfaces, where they induce membrane thinning and leakage
(Scheme 1).[4a,b,80] Furthermore, even if a pore model is
operative, it may not be a static structure, but rather an
intermediate state which is followed by other processes, such
as detergent-like membrane dissolution.[13b,c,81] Such transient
pore structures characterize the mechanisms of many anti-
microbial peptides and may relate to the activity of amyloi-
dogenic proteins as well.[71,82] Indeed, numerous chemical
similarities between amyloidogenic proteins and antimicro-
bial peptides, such as an amphipathic structure, indicate that
mechanistic insight can be derived from proposed models
describing the permeabilization mechanisms of antimicrobial
peptides.
Besides the range of possible modes of action, the
identification of the membrane-active oligomeric state fur-
ther complicates the issue, as the process of fibril formation is
associated with several intermediate aggregation states that
could have varying membrane-permeabilizing activities.[83]
Furthermore, the mechanisms of action may vary according
to protein type, membrane composition, and experimental
conditions. To enable a full understanding of the molecular
basis of the toxicity of amyloid-related diseases, these
mechanistic considerations must be delineated. In this
section, we provide an overview of the proposed models of
membrane permeabilization by amyloid-forming proteins and
recent experimental support for proposed mechanisms where
relevant.
3.1. Pore Formation versus Nonspecific Membrane
Permeabilization
A current controversy regarding the mechanism of
membrane permeabilization by amyloid-forming proteins
concerns their ability to form membrane channels or pores.
Increasing experimental data, such as ion-channel conduc-
tance activity, support the feasibility of a porelike mechanism
and the hypothesis that such a mechanism is responsible for
the toxic properties associated with amyloid-forming proteins
(Scheme 1). On the other hand, significant experimental data
indicate that oligomeric forms of these proteins bind to the
surface of the membrane and cause general membrane
thinning and ion leakage (Scheme 1). Recent experimental
evidence in support of both models is presented in this
section, including pivotal older reports.
3.1.1. Evidence for Pore Formation
Experimental observations consistent with a pore model
include: 1) the induction of single-ion-channel currents char-
acteristic of ion-channel or pore-forming proteins by a diverse
variety of amyloidogenic proteins in model membra-
nes,[7b,8a,12e,65,77a] 2) the enhanced membrane-permeabilization
activity of amyloid oligomers relative to that of soluble
monomers and mature fibrils,[4a,11a,38,65,75,84] 3) the blocking of
the channel activity of amyloid oligomers by aggregation
inhibitors, such as ()-epigallocatechin gallate,[65,85] 4) a size
dependence with respect to dye leakage from model vesicle
membranes that indicates the formation of pores of a defined
diameter,[11a,75,86] 5) high-resolution images of annular pore-
like oligomeric structures of several amyloidogenic proteins,
both in the presence and in the absence of membranes,[7,8,12b]
and 6) the binding of the anti-amyloid-oligomer antibody A11
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to amyloid oligomers as well as to oligomers of pore-forming
toxins, such as a-hemolysin, with a resulting suppression of
membrane-permeabilizing activity.[4a,87] The details of these
observations are highlighted in the following paragraphs.
The ability of a range of amyloid-forming proteins, such as
Ab,[12f,g,88] a-synuclein,[7b,65,89] IAPP,[74c] polyglutamine,[76]
serum amyloid A,[7b] and the prion proteins,[12e,77,90] to
induce ion-channel currents with defined conductance states
in planar lipid bilayers provides solid evidence that these
proteins display channel or pore activity in membranes.[7b] In
many cases, these amyloid-forming proteins display voltage
dependency as well as cation selectivity,[12e] which are
characteristic features of true membrane ion channels and
pores.[91] In the case of Ab, experimental conditions that
promote peptide aggregation, such as an acidic environment,
enhance the observed channel activity, whereas the addition
of agents that block aggregation, such as Congo red,
attenuates the channel activity.[12e,74d] These effects indicate
that Ab channel structures are oligomeric. The observed
blocking of Ab channel activity by external agents, such as
Tris (Tris= tri(hydroxymethyl)amiomethane), Al3+,[12f]
Zn2+,[74b] and other designed molecules,[92] suggests opportu-
nities for therapeutic intervention in pore activity. In many of
these earlier experiments on ion-channel activity, however,
monomeric preparations or reconstituted proteins with ill-
defined heterogeneous oligomeric states were used.
The addition of defined oligomeric preparations of a-
synuclein was recently shown to induce ion-channel activity in
PC monolayers (Figure 7a).[65] Ion-channel-like conductivity
was specific for the oligomeric preparation, and was not
observed with monomer and fibril preparations of a-synu-
clein.[65] Channel activity induced by oligomeric a-synuclein
in this system was blocked effectively with the green-tea
polyphenol ()-epigallocatechin gallate.[65] Recent results
have also shown that membrane permeabilization with
oligomeric preparations of Ab is blocked effectively with
disaccharides and trimethylamine N-oxide: compounds that
also attenuate Ab aggregation.[85]
Vesicle-permeabilization assays with prefibrillar aggre-
gates of a-synuclein,[75] IAPP,[84a,86] and Ab[85] further suggest
that membrane permeabilization by these proteins results
from oligomeric pore structures. Only oligomeric protofibril-
lar a-synuclein (and not the monomeric and fibrillar forms)
was shown to bind and permeabilize PG and PC vesicles.[11a]
Furthermore, the disease-linked mutants of a-synuclein,
A30P and A53T, showed higher permeabilization activities
than the wild type; thus, permeabilization activity appears to
be directly correlated with the toxicity of a-synuclein.[75]
Likewise, toxic oligomeric and non-amyloid yeast prion
Ure2p fibrils resembling the native structure, but not the
nontoxic amyloid fibrils of the protein, induced dye release
from PS vesicles.[84b]
A porelike mechanism for protofibrillar a-synuclein was
proposed on the basis of the size dependency of dye leakage
from dye-loaded vesicles. Smaller components, such as Ca2+
and dopamine, exhibited much higher leakage rates than
larger polymers, such as fluorescein isothiocyanate (FITC)–
dextran and cytochrome c, in the presence of the protein.[75]
Similarly, the leakage of Ca2+ from PG vesicles permeabilized
by protofibrillar IAPP was much faster than that of FITC–
dextran, a result that also advocates leakage through defined
pores of limited diameter.[86]
The visual observation by AFM imaging of oligomeric
channel structures of amyloidogenic proteins reconstituted in
lipid bilayers is among the strongest experimental evidence in
support of a pore mechanism.[7b,8a] AFM images of tetrameric
to hexameric oligomers of Ab(1–42) reconstituted in DOPC
lipid bilayers were initially obtained by Lal and co-workers.[8a]
In 2005, the same group reported similar oligomeric channels
formed by a range of amyloid-forming proteins reconstituted
in DOPC bilayers, including a-synuclein, IAPP, Ab(1–40),
and serum amyloid A. Their results indicated that pore
activity is a common feature that underlies the toxic behavior
of amyloid-forming proteins.[7b] In approximately 15% of the
images, the reconstituted proteins had formed multimeric
supramolecular complexes composed of four to eight subunits
with outer diameters of 8–10 nm and inner pore diameters of
1–2 nm (Figure 7b).[7b] Lansbury and co-workers demon-
strated that isolated protofibrils of mutant amyloid-forming
proteins that are associated with familial AD and PD,
including the Ab(1–40) “arctic” mutant a-synA30P and a-
synA53T, as well as wild-type a-synuclein, also form annular
pore structures in the absence of a lipid bilayer.[12b,c] The pore
dimensions correlated well with those reported by Lal and co-
Figure 7. a) Ion-channel conductivity in planar lipid bilayers in the
presence of oligomeric preparations of a-synuclein (reproduced from
reference [65]). b) AFM images of annular oligomeric structures
observed for Ab(1–40) and a-synuclein reconstituted in DOPC planar
lipid layers (reproduced from reference [7b]). c) EM images of annular
oligomeric structures observed for protofibrillar pathogenic mutants
A53T and A30P of a-synuclein and the Ab(1–40) “arctic” mutant
(reproduced from reference [12b]). d) EM images of annular oligomeric
structures observed for a-synuclein pores released by the treatment of
inclusions from multiple-system-atrophy post-mortem brain samples
with a detergent (reproduced from reference [94]).
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workers.[7b] Namely, outer pore diameters were in the range of
7–10 nm, and inner diameters were in the range of 1.5–2 nm
(Figure 7c). AFM images have also shown poration induced
by the amyloidogenic prion-protein fragment PrP106–126 in
supported lipid bilayers; however, the inner pore diameters
were not reported in this case.[93]
Annular structures have also been isolated from post-
mortem samples. Their striking morphological resemblance
to pore structures observed in vitro with recombinant and
synthetic amyloid proteins suggests that these structures are
obligate intermediates that occur in vivo. Even larger annular
particles composed of a-synuclein oligomers with diameters
in the range of 30–50 nm were obtained by the treatment with
detergent of cytoplasmic inclusions in post-mortem multiple-
system-atrophy brain tissue (Figure 7d).[6,94] Inoue reported
the observation of pore structures of Ab in neuronal cell
membranes and mitochondria-like organelles from the brain
tissue of AD patients by TEM. These pores were also larger
than those observed in vitro, with outer diameters of 16 nm
and pore openings of 10 nm.[95] The surprising similarity of the
morphological features of oligomeric amyloid-forming pro-
teins both in the presence and in the absence of a membrane,
and of those extracted from in vivo samples, was naturally
taken as a strong indication that these conformations either
insert directly into membranes or form on the membrane
(Scheme 1). Since it is accepted that amyloid-forming poly-
peptides of arbitrary sequence tend to aggregate into higher-
order insoluble fibers with common morphological and
structural features, it is also reasonable to consider that they
share a similar tendency to form related intermediate
structures: oligomeric pores that target cell membranes.
Recent studies have demonstrated that generic oligomeric
pore structures, which may define the cytotoxic conforma-
tions of amyloid-forming proteins, are also adopted by other
pore-forming toxins (PFTs) and pore-forming proteins
(PFPs). Several striking structural and functional features
that are shared by the amyloid-forming proteins and PFTs,
including a-hemolysin and anthrax toxin, implicating a similar
mechanism for membrane permeabilization.[7a,87] The ring-
shaped configurations observed by AFM and electron
microscopy (EM) for the amyloid-forming proteins mirror
those observed for PFPs, such as perforin and perfringoly-
sin O.[87,96] Furthermore, both pore-forming and amyloid-
forming proteins are synthesized as soluble proteins that are
later converted into circular, toxic, oligomeric, and often b-
sheet-rich transmembrane pores.[96] In both classes of pro-
teins, the process of oligomerization, which promotes channel
formation, is accelerated by lipid rafts, which act as concen-
tration platforms (Figure 5).[97] Importantly, the conforma-
tion-specific anti-amyloid-oligomer antibody A11, which
binds to amyloid oligomers regardless of their primary
sequence, also reacts with oligomers, but not monomers, of
a-hemolysin and human perforin.[87] Furthermore, binding to
A11, which is known to inhibit the toxicity and membrane-
permeabilizing activity of amyloid oligomers, was also shown
to suppress the hemolytic activity of a-hemolysin oligo-
mers.[87]
These common features together almost inarguably sup-
port the hypothesis that amyloid oligomers induce membrane
permeabilization through an active structure and mechanism
that correspond to those adopted by the PFTs and PFPs.
Therefore, mechanistic questions regarding the activity of
amyloidogenic proteins on membranes can be addressed by
using biophysical techniques and mechanistic assays that have
been instrumental in the elucidation of the mode of action of
PFPs as well as related antimicrobial peptides on model
membranes (see Section 4).
3.1.2. Three-Dimensional Models of Oligomeric Pores
Although the visual observation of the topological
features of oligomeric pores has provocative implications
regarding the mechanisms of membrane permeabilization by
amyloid-forming proteins, three-dimensional atomic-level
stuctures of amyloid pores have not yet been determined
experimentally. Research in this area is hindered by the
inherent insolubility and noncrystallinity of amyloid proteins,
factors that are further exacerbated in membrane environ-
ments. Futhermore, well-defined oligomeric structures of
amyloid-forming proteins are inherently transient and diffi-
cult to isolate and characterize.[65] Three-dimensional pore
models have been constructed computationally, and have
contributed insight into possible conformational arrange-
ments. By the computational parallel alignment of the NMR-
determined b-strand–turn–b-strand motif into annular disc-
like structures of Ab17–42, Nussinov and co-workers built a
model for the Ab pore with dimensions that are in remarkable
agreement with those determined by AFM and EM
(Figure 8).[98] Upon the insertion of these discs constructed
from Ab17–42 into an explicit DOPC bilayer, with the hydro-
phobic C-terminal strand interfacing the bilayer, molecular-
dynamics simulations demonstrated relaxation of the pore
structures into subunits reminiscent of those observed by
AFM (Figures 7b and 8a).[98] Although the internal pore
dimensions were a bit larger than in the experimental images
(ca. 2.2–2.5 nm), the outer diameters were in excellent
agreement, and the height perfectly matched the thickness
of a DOPC bilayer; these models therefore appear to be
reasonable three-dimensional depictions.[98] In this model it is
assumed that the N terminus of Ab does not participate in the
channel structure but rather extends from the membrane.
Other models of the Ab channel suggest tubular arrange-
ments composed of subunits of cylindrically wound mono-
meric Ab that stack linearly to span the width of the
bilayer.[99] This model also predicts a water-filled channel of
1.5 nm in diameter.
Molecular modeling of the micelle-derived helical struc-
ture of a-synuclein demonstrated head-to-head alignment of
a-synuclein dimer subunits, which arrange into ringlike
hexamers and pentamers that superimpose with a pore
structure determined by EM by Lashuel and co-workers
(Figure 8b).[12b,c,100]
3.1.3. Evidence for Nonspecific Membrane Permeabilization
Despite numerous reports of ion-channel activity involv-
ing defined open and closed conductance states,[7b,12e,101] which
are characteristic features of ion channels and pore toxins,[91]
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as well as well-resolved pore structures for amyloid oligomers
(Figure 7), evidence for ion-channel activity has not been
reproduced by all research groups.[80a] Seminal work by Glabe
and co-workers demonstrated that preformed soluble oligo-
mers, but not monomers or mature fibrils, of Ab, IAPP,
polyglutamine, and prion 106–126 clearly increased the
general conductivity of model bilayers without the occurrence
of the discrete conductance changes or open and closed states
that characterize ion-channel activity.[4a] Although this finding
does clearly support the hypothesis that oligomeric forms of
amyloid-forming proteins are the membrane-permeabilizing
species, it argues against the involvement of amyloid channels.
More recently, Sokolov et al. showed that purified prepara-
tions of Ab oligomers, which stained positive with antio-
ligomer antibodies, also caused a general increase in model
bilayer conductivity in a concentration-dependent manner
when added externally to the bilayer, without single-channel
current jumps supportive of ion-channel formation.[4b] These
studies support a model in which amyloid oligomers bind to
the membrane surface and disrupt lipid packing to cause
membrane thinning and an increase in membrane leakiness
without the formation of defined pores (Scheme 1).[4b]
3.1.4. Resolving the Issue with HFIP: The Pore Model Prevails
The cause of the discrepancy concerning the ion-channel
activity of amyloid-forming proteins has been a matter of
debate for some time. Ion-channel activity was observed in
cases in which proteins were fused to the membrane to
generate proteoliposomes. In cases in which a general
increase in membrane conductivity was observed, preformed
preparations of the oligomeric proteins were added externally
to the bilayer.[4a,b,80b] One explanation that has been put
forward is that the formation of proteoliposomes by sonica-
tion enhances channel formation, whereas the membrane
insertion of preformed oligomers added externally to the
membrane may be hindered, so that only surface binding
occurs.[80a] However, a recent study demonstrated that the
lack of discrete ion-channel conductance patterns is an
artifact of membrane permeabilization by residual hexafluor-
oisopropanol (HFIP), which was used in the preparation of
preformed oligomers and masks the true ion-channel activity
of amyloid-forming proteins.[12d] Capone et al. reported that
samples of HFIP both with and without Ab showed identical
current traces with a lack of defined conductance states and
therefore concluded that the observed current was induced by
HFIP alone. Remarkably, they showed that when HFIP was
removed efficiently from oligomeric samples of Ab by
purging with nitrogen, the stepwise ion flux across planar
lipid bilayers that is characteristic of ion-channel activity was
fully restored.[12d] A pore model is thus an experimentally
valid and probable mechanism by which these oligomeric
proteins target membrane integrity and induce cellular
toxicity.
3.2. Which Oligomeric Forms Are Responsible for Membrane
Disruption?
As described in the preceding paragraphs, oligomeric and
protofibrillar forms of amyloid-forming proteins display
higher membrane-permeabilization activities in model stud-
ies than the corresponding fibrillar or low-molecular-weight
forms and are therefore thought to be the primary toxic
species.[4a,11a,75,86] However, the varying degrees of membrane-
permeabilizing activity of the range of oligomeric species
along the spectrum from monomer to developed fibrils are
poorly understood.
The number of oligomeric states that are possible for
amyloid-forming proteins, ranging from dimers to fully
developed fibrils with sizes on the order of 106 Da, as well
as the varying morphologies of intermediate aggregates,[83]
makes the identification of a membrane-active species with a
defined oligomeric state and conformation a daunting task to
say the least. Although little is known concerning the high-
resolution structural details of amyloid oligomers, a signifi-
Figure 8. Computational models of: a) the Ab oligomeric pore (repro-
duced from reference [98]) and b) the a-synuclein oligomeric channel
superimposed with the pore structure determined by Lashuel et al.[12b]
(reproduced from reference [100]).
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cant amount of research has been undertaken towards the
classification of the structural types of amyloid oligomers on
the basis of their varying immunoreactivities with conforma-
tion-specific antibodies.[83] Prefibrillar oligomers (PFOs),
which react with the A11 antioligomer antibody, are spherical
particles with diameters in the range of 3–10 nm and form
early during incubation. With longer incubation times, or
upon catalysis with a hydrophobic–hydrophilic interface,
PFOs are converted into annular protofibrils (APFs),[102]
which are thought to be circularized forms of PFO subunits,
and which adopt porelike morphologies under the electron
microscope (Figure 7).[12b] APFs bind to aAPFantibodies and
stain weakly to A11 antibodies; they therefore appear to have
a different morphological arrangement to that of PFOs.
Heptameric pores of a-hemolysin also bind to aAPF, which
suggests that APFs adopt a b-barrel conformation. Fibrillar
oligomers are another class of oligomeric intermediates that
do not bind to A11 antibodies but show positive binding to
osteocalcin (OC) antibodies and are thus structurally distinct
from PFOs.[83] Since OC antibodies are also specific for
developed fibrils, fibrillar oligomers are thought to be small
pieces of fibrils or fibril seeds that nucleate fibril growth.[83]
The morphological similarity between APFs and PFTs
might suggest that APFs are the oligomeric form of amyloi-
dogenic proteins that is responsible for membrane permeabi-
lization. Furthermore, familial mutations associated with
inherited forms of Parkinsons disease and Alzheimers
disease lead to an increase the population of APFs; this
relationship suggests that these oligomeric forms are the
primary toxic species.[12b] Surprisingly, however, Glabe and
co-workers reported that PFOs of Ab42 and a-synuclein
displayed much greater membrane-permeabilizing activity
than the corresponding APFs in planar lipid bilayers.[102]
However, model membranes were found to accelerate the
conformational shifting of PFOs into APFs, as detected on the
basis of A11 and aAPF immunoreactivity.[102] The authors
proposed that PFOs bind to the membrane, and it is the
assembly of APFs from PFOs on the membrane which is the
key event associated with membrane permeabilization and
the process that enables the APF to form a membrane-
embedded b-barrel pore. In contrast, preformed APFs in
solution lack sufficient capacity for membrane insertion. The
inability of preformed pores of a-hemolysin to induce
membrane penetration[103] suggests an analogous mechanism.
3.3. Mechanistic Insight from Antimicrobial Peptides
The mechanisms that govern the membrane-permeabiliz-
ing activity of antimicrobial peptides extend beyond solely
pore-based mechanisms and may also be relevant for the
elucidation of the membrane-active structures of amyloido-
genic proteins.[70,71] In fact, antimicrobial peptides and amy-
loid-forming proteins share many characteristics; they may
therefore operate on the membrane through similar mecha-
nisms. For example, both classes of polypeptides have the
capacity to adopt amphipathic structures with hydrophobic
and cationic hydrophilic ends and display enhanced affinities
for negatively charged membrane surfaces.[42a,70] Further-
more, the shift in Ab,[11b,26b–d] IAPP,[27c,32,33] and a-synucle-
in[28a,d,34a,b] from a random-coil structure to an a helix upon
initial contact with membrane surfaces reflects the conforma-
tional shifts of antimicrobial peptides in the presence of
membranes (Scheme 1).[71b] For both antimicrobial peptides
and amyloidogenic proteins, a threshold peptide concentra-
tion on the membrane surface is required for induction of the
oligomeric membrane-permeabilizing species (Sche-
me 1).[11b,71b] Notably, the membrane-bound oligomeric spe-
cies of certain antimicrobial peptides, such as temporins B
and L, have even been shown to undergo further conversion
into amyloid-type fibrils.[104]
Although the mode of action of antimicrobial peptides on
membranes is also still under debate, and many mechanistic
questions remain, significantly more experimental data is
available for these systems. This information has led to the
development of a set of classic activity models. In the
following paragraphs, we outline these mechanistic models,
which explain the mode of action of antimicrobial peptides,
pore-forming toxins, and designed amphipathic permeabiliz-
ing peptides on membranes, as these models may shed some
light on the membrane activity of amyloidogenic pro-
teins.[71,81] We also highlight recent findings that demonstrate
the adherence of amyloidogenic proteins to certain aspects of
these activity models.
As the accumulation of permeabilizing peptides on a
membrane surface reaches a critical local threshold concen-
tration, oligomeric species form to create a transmembrane
pore for which two structural arrangements have been
proposed. In a barrel-stave pore, the hydrophobic regions of
the peptide oligomer contact the hydrophobic membrane
interior, and the hydrophilic ends line a water-filled pore. In
this type of pore, variations in conductivity arise from
monomer exchange with the transmembrane oligomer (Fig-
ure 9a).[71a] Barrel-stave pores perturb the membrane archi-
tecture only minimally, but create localized holes through
which molecules can “leak” into or out of the membrane.[97]
Alternatively, in a toroidal-pore structure, the hydrophilic
ends of the peptides remain in contact with the lipid
headgroups. In this way, membrane curvature is induced,
and a pore lined with both lipid headgroups and peptides is
created that enables the passage of molecules through the
membrane (Figure 9a). The toroidal pore is considered a
metastable structure and is proposed to collapse by one of two
mechanisms. In the sinking-raft model, the pore breaks down
to give a resealed bilayer, with transbilayer equilibration of
the peptides on the inner and outer membrane leaflets
(Figure 9b).[81] Alternatively, in the carpet model, the mem-
brane is disintegrated into peptide–lipid aggregates in a
detergent-like process (Figure 9b).[82]
Recent results indicate that IAPP, in particular, operates
via toroidal-pore intermediates. Differential scanning calo-
rimetry (DSC) and solid-state NMR spectroscopic experi-
ments indicate that IAPP induces severe curvature strain on
model membranes, which is indicative of toroidal-pore
structures.[105] The incorporation of membrane-disrupting
IAPP fragments (hIAPP1–37, hIAPP1–19, and rat IAPP1–19
(rIAPP1–19)) into DiPoPE lipid bilayers led to a reduction in
the temperature required for the transition from the liquid-
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crystalline (La) to the inverted-hexagonal (HII) phase, accord-
ing to DSC. This result supports the induction of negative-
membrane-curvature strain by the peptides.[105] The non-
membrane-permeabilizing peptide rIAPP1–37 had a weak
influence on the stability of the HII phase. Furthermore,
31P
chemical shifts demonstrated the preferential binding of the
permeabilizing IAPP peptides to highly curved regions of
model bicelles, which act as static mimics of the membrane
perforations produced in toroidal-pore intermediates.[105] If a
toroidal-pore model is operative for IAPP, it is probably not a
static structure, and other membrane-disrupting mechanisms
probably follow (Figure 9b). In the following section, we
highlight results from several research groups that indicate
that a detergent-like mechanism is also operative for IAPP,
and possibly other amyloidogenic proteins.
3.4. Are Fibril Formation at Membrane Surfaces and Membrane
Permeabilization Concerted Processes? A Detergent Model
for Membrane Permeabilization
In many cases in which lipid membranes promote the
misfolding of amyloid proteins into b-sheet aggregates, a
corresponding disruption of membrane structure is also
observed.[10a,11b,106] Such observations indicate that these
seemingly separate processes are cooperative and energeti-
cally coupled. A recent compelling model for amyloid-
protein-related toxicity directly links the processes of amyloid
aggregation on membrane surfaces with cell-membrane
disruption and the onset of toxicity.[13a,107] In other words, as
the fibril develops on the membrane surface, the structural
integrity of the membrane is simultaneously compromised.
In an elegant study, Engel et al. demonstrated the
synchronization of the kinetic profiles for hIAPP-fibril
growth, which was monitored by thioflavin T (ThT) fluores-
cence, and the induction of dye leakage from coincubated
mixed DOPC/DOPS vesicles (Figure 10a).[13a] The two pro-
files were characterized by a lag phase of approximately
3 hours followed by a sigmoidal transition to hIAPP fibrils
and near-complete dye leakage from the vesicles. This result
indicates that it is the process of fibril formation on
membrane surfaces which is responsible for abolishing the
membrane barrier function. Cryogenic electron microscopy
(cryo-TEM) images of DOPC/DOPS large unilamellar vesi-
cles (LUVs) coincubated with human IAPP (hIAPP) showed
distortion and pinching of regions of the membrane in contact
with fibrils (Figure 10b), whereas vesicles incubated in the
presence of non-amyloidogenic mouse IAPP (mIAPP)
remained unperturbed.[13a] As a mechanistic model, the
authors proposed that IAPP-fibril growth on the membrane
occurred concomitantly with a forced change in membrane
curvature and weakened lipid packing, which enabled the
Figure 9. a) Models of barrel-stave and toroidal pores. b) Two-dimen-
sional representations of the sinking-raft and carpet models for
membrane permeabilization.
Figure 10. Induction of membrane permeabilization by fibril growth at
membrane surfaces (reproduced from reference [13a]). a) Kinetic pro-
files for hIAPP-fibril formation (top), as monitored by ThT fluores-
cence, and hIAPP-induced dye leakage from mixed DOPC/DOPS
vesicles (bottom). b) Cyro-EM image showing the distortion of vesicles
in contact with hIAPP fibrils.
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leakage of intravesicular contents (Figure 10b). Interestingly,
this notion is consistent with toxicity studies, which have
indicated that it is not one specific oligomeric state that
induces cell death and toxicity, but rather the dynamic process
of fibril formation.[108]
Recent results provide strong indications that IAPP on
membrane surfaces disintegrates the membrane by extracting
lipids and incorporating them into the developing fiber.[13b,c]
Through the use of rhodamine-labeled lipids in giant uni-
lamellar vesicles (GUVs) composed of DOPC, the uptake of
fluorescent lipids into coincubated growing IAPP fibrils was
imaged by confocal fluorescence microscopy (Figure 11).[13b]
Complete membrane disintegration was visible after coincu-
bation for only 10 minutes (Figure 11c). Similarly, when
fluorescent boron dipyrromethene (BODIPY) labeled PC in
a supported lipid bilayer was used, the extraction and uptake
of fluorescent lipids into growing IAPP fibers was visible by
confocal microscopy after coincubation for 2–5 hours.[13c]
After coincubation for 20 hours, the fluorescent lipids were
fully incorporated into developed IAPP fibrils. FRET
between fiber-bound ThT and BODIPY-labeled PC demon-
strated a close association of the extracted lipids with the final
fiber. The uptake of rhodamine-labeled lipids obtained from
model lipid rafts by BODIPY-labeled IAPP fibers has also
been observed by fluorescence microscopy.[109] The extracted
membrane fractions could lend thermodynamic stability to
the fiber, possibly through electrostatic interactions with
exposed positively charged side chains on IAPP or by
providing a physical barrier to the proteolytic degradation
of developing fibers in vivo.[13c]
These results do not contradict the observed connection
between fibril formation on membrane surfaces and mem-
brane disruption, but t he demonstrate that the growing IAPP
fiber operates through a detergent-like mechanism by
extracting lipids and disintegrating the bilayer, rather than
by merely pinching the membrane surface.[21] However,
membrane distortions may mechanistically precede lipid
uptake. By combining the evidence for the detergent-like
activity of IAPP with evidence for the induction of toroidal-
pore structures, one could propose that IAPP follows the
carpet model for membrane permeabilization (Figure 9b).
The structural analogies between IAPP and Ab[110] suggest a
similar mode of operation for Ab on membranes. Indeed,
TEM images of mixed POPC/POPG vesicles coincubated
with Ab showed the incorporation of lipid vesicles into the
final fibril network.[10a]
In contradiction to the aforementioned arguments, Ram-
amoorthy and co-workers reported that the membrane-
binding N-terminal fragment 1–19 of human IAPP, which
lacks the amyloidogenic fragment 20–29 and does not
fibrillate, induced dye leakage from POPG vesicles to the
same extent as the full sequence.[33b] Furthermore, rat IAPP,
which does not fibrillate, was also able to permeabilize
membranes significantly.[27b] The authors reasoned that fibril
formation is not a necessary factor for membrane disruption,
and that these two processes are mechanistically distinct.
4. Membrane Model Systems and Experimental
Tools for Elucidating the Mechanisms of Protein-
Induced Membrane Permeabilization
4.1. Biological Membranes versus Model Membranes
Natural cell membranes are intricate structures composed
of a lipid bilayer which incorporates globular proteins,
receptors, transmembrane channels, and glycoproteins that
float in the membrane, as well as regions of varying structural
fluidity (Figure 12).[111] Their structural complexity is a
reflection of their diverse functions, such as communication
between the intra- and extracellular compartments and the
selective transport of molecules into and out of cells.
Given the inherent complexity of biological membranes,
many scientists rely on structurally and compositionally
simplified membrane model systems. These systems offer
the opportunity to systematically manipulate the chemical
composition and fluidity of the membrane and monitor the
resulting changes in protein binding and permeabilization
activity.[112] The contrast between model membranes and
biological membranes is fundamentally an issue of complex-
ity: model membranes lack components such as integral
membrane proteins and polysaccharides that could interfere
with experimental results as well as their interpretation.[112]
Model membranes are therefore the preferred systems for
determining the influence of proteins specifically on lipidic
membrane components in a systematically controlled
manner. The main disadvantage of model membranes is
that a complete picture of the complex array of biochemical
processes that influence protein activity cannot be captured
by using model systems alone. Rather, model systems provide
a platform for the investigation of selected protein–mem-
brane interactions and key mechanistic events that underlie
biological activity. They facilitate the interpretation of
experimental observations and the development of mecha-
nistic models, and new hypotheses can be later tested in more-
complex biological settings. In the following section, we
review the various types of membrane model systems which
have been pivotal in providing insight into the mechanisms of
amyloidogenic proteins and other membrane-permeabilizing
proteins, such as antimicrobial peptides and pore-forming
toxins. More-complex and advanced model systems are not
Figure 11. Confocal fluorescence microscopy images of GUVs coincu-
bated with hIAPP (reproduced from reference [13b]); the images
demonstrate the uptake of rhodamine-labeled lipids into growing
peptide fibrils and eventual vesicle disintegration: a) a GUV before the
addition of hIAPP (carboxyfluorescein was added to the extravesicular
solvent to demonstrate vesicle-barrier intactness), b) 2–3 min after the
addition of hIAPP, and c) 10 min after the addition of hIAPP. Space
bars: 25 mm.
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reviewed herein. Instead, we refer the reader to a recent
review by Chan and Boxer.[113]
4.2. Classes of Membrane Model Systems
4.2.1. Vesicles, Micelles, and Bicelles
Vesicles, also referred to as liposomes, are water-filled
spherical lipid bilayers with a range of diameters (Fig-
ure 12b). There are three main types of vesicles: 1) small
unilamellar vesicles (SUVs) with diameters in the range of
20–50 nm, 2) large unilamellar vesicles (LUVs) with diame-
ters of around 100 nm, and 3) giant unilamellar vesicles
(GUVs) with diameters in the range of 1–10 mm.[112b,113] The
term unilamellar refers to the fact that these vesicles are
composed of a single bilayer. Given their spherical shape and
water-filled interior, vesicles are thought to be the most
biologically relevant mimic of natural cell membranes. For
details concerning vesicle preparation, we refer the reader to
a recent review.[112b] .
The opportunity to introduce fluorescent and colored
dyes into their interiors have made LUVs, in particular, a
popular scaffold for monitoring peptide-induced membrane
permeabilization through dye-leakage assays, which are
described in Section 4.3.2.1. The high curvature of SUVs
induces structural tension and high background dye-leakage
rates. These systems are thus less attractive for dye-leakage
assays. Avariety of fluorescently labeled headgroups may also
be introduced to enable the investigation of peptide–mem-
brane interactions by various fluorescence techniques, such as
FRET.[73,114] The physical observation of SUVs and LUVs
requires EM techniques including cryo-EM, whereas the
large size of GUVs permits the detection of changes in
structure and dye permeabilization by light microscopy.[46,115]
The binding of tetramethylrhodamine-labeled a-synuclein
specifically to the surface of anionic GUVs labeled with
fluorescent 7-nitrobenz-2-oxa-1,3-diazol-4-yl (NBD) head-
groups was demonstrated by fluorescence imaging.[45]
Micelles are relatively small detergent or lipid aggregates
of approximately 5 nm in diameter that form above the
critical micelle concentration (CMC) of amphiphilic deter-
gents (Figure 12c). They have been used to model the
interaction of Ab with the cell membrane in vitro[69] and to
determine the structure of micelle-bound Ab,[26b–d,31a] a-
synuclein,[28b,36b] IAPP,[32,116] and antimicrobial peptides[117]
by NMR spectroscopy. In contrast to the aqueous interior of
vesicles, micelles are filled with the hydrocarbon tails of the
detergent (Figure 12c). As a potential drawback, the high
curvature of micelles may impose unnaturally curved secon-
dary structures in the micelle-bound proteins and peptides.
For example, LUV-bound a-synuclein takes on an extended
a-helix conformation,[28a,34c] whereas micelle-bound a-synu-
clein exhibits a helix–turn–helix conformation that is likely to
accommodate the highly curved membrane surface (Fig-
ure 4).[28b] The extended helical conformation is thought to
more accurately represent membrane-bound a-synuclein
associated with relatively flat synaptic vesicles in vivo.
Figure 12. Membrane model systems as derivatives of natural cell membranes: a) illustration of a cell membrane; b) vesicle or liposome;
c) micelle; d) bicelle; e) supported lipid monolayer; f) self-assembled lipid monolayer at the air–water interface; g) tethered supported lipid
bilayer; h) planar lipid bilayer.
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The high curvature of micelles may be decreased by
mixing detergents and phospholipids in a certain molar ratio
to produce bicelles (bilayer micelles). Bicelles are disc-shaped
structures with flat lamellar surfaces and regions of high
curvature (Figure 12d) and thus may provide a more accurate
mimetic of membrane surfaces in vivo. Indeed, bicelle-bound
a-synuclein adopts an extended a-helix conformation, as
determined by ESR distance measurements (Figure 4).[28d]
Furthermore, bicelles align spontaneously in the presence of
an external magnetic field; this behavior results in sharply
resolved peaks in their NMR spectra.[105] Consequently,
bicelles have found utility in NMR-spectroscopy-based struc-
tural studies of membrane-binding proteins, including amy-
loid-forming proteins, such as IAPP.[105, 118]
4.2.2. Lipid Monolayers
A lipid monolayer is perhaps the simplest mimic of the
outer leaflet of a biological membrane. A planar supported
lipid monolayer is constructed by casting small, unilamellar
vesicles onto a hydrophobic self-assembled monolayer anch-
ored on a solid support, such as a gold surface (Fig-
ure 12e).[119] In this way, the hydrophobic tails of the lipid
chains contact the surface, and the polar lipid headgroups are
directed toward the aqueous phase. The adsorption or
insertion of membrane-binding peptides to or into supported
lipid monolayers can then be directly monitored by tech-
niques such as surface plasmon resonance (SPR) and
AFM.[119] AFM imaging of a POPC/POPS lipid monolayer
on a gold surface has been used to characterize changes or
defects in monolayer structure following treatment with wild-
type a-synuclein, for example.[120]
A lipid monolayer can also be constructed at the air–water
interface in a Langmuir–Blodgett trough, with the hydrophilic
headgroups located in the water subphase and the hydro-
phobic groups directed toward the air (Figure 12 f).[121] Sur-
face-pressure measurements of lipid monolayers at the air–
water interface provide a measure of membrane lipid packing
and have been used to examine the preferential membrane
insertion of IAPP monomers over mature fibrils.[122] Further-
more, monolayers of the glycolipid lactosylceramide have
been used to establish theminimal fragment of IAPP required
for glycolipid binding.[123] X-ray scattering and neutron
reflectivity experiments on lipid monolayers at the air–
water interface recently enabled the characterization of
changes in layer thickness and membrane penetration in the
presence of Ab injected into the aqueous phase.[10a]
4.2.3.Model Lipid Bilayers
Supported lipid bilayers are constructed by Langmuir
transfer or vesicle fusion onto a suitable surface.[124,125] To
prevent the solid surface from interfering with the membrane
properties, a polymer support or a chemical tether is often
used to anchor a lipid bilayer on a solid surface (Figure 12g).
A bilayer may also be tethered by a labeled membrane
protein. Recent reviews discuss the methods used to construct
supported lipid bilayers, as well as the advantages and
disadvantages of various strategies.[124,125] The nature of the
surface depends on the experimental technique. Gold surfa-
ces are used for applications in SPR or ion-channel-activity
measurements,[126] whereas mica, silicon, or flat gold are used
for applications in AFM.[127] A recent study demonstrated the
growth of Ab26–35 fibers parallel to mica-supported POPC
lipid bilayers, as imaged by AFM.[128] Supported lipid bilayers
have also been employed as model systems to investigate
IAPP fibrillation[13c] and a-synuclein clustering on membrane
surfaces by fluorescence microscopy.[43]
Planar lipid bilayers, also referred to as black lipid
membranes, are among the oldest membrane model sys-
tems[129] and are the standard systems for single- or multi-
channel ion-conductance and ion-selectivity experiments.[4b]
In a typical experimental setup for conductance measure-
ments, two chambers are filled with a buffer containing
electrolytes and are separated by the lipid bilayer located in a
micrometer-length aperture in a hydrophobic film, such as
Teflon (Figure 12h).[129] An ion-channel- or pore-forming
sample is typically inserted into the membrane through the cis
chamber, and current flowing through the channel is then
recorded as a function of time in response to an applied
voltage. Single-channel open and closed states are typically
detected in real time as on and off switching of the current,
respectively. Ion-channel measurements in planar lipid bilay-
ers have been used to establish the ion-channel activities of a-
synuclein[65,66,89] and Ab,[7b,88] as well as polyglutamine- and
prion-derived polypeptides.[7b,76]
4.3. Addressing Mechanistic Questions: Experimental
Approaches
In this section, we highlight how the model systems
discussed above may be combined with a multitude of
available biophysical techniques to resolve key mechanistic
questions regarding the activity of amyloidogenic proteins on
membranes. First, biophysical techniques for the detection of
the membrane-surface aggregation of proteins and general
membrane disruption are presented, followed by techniques
that can be used to zero in on structural details of the toxic
protein–membrane complex (e.g. the formation of trans-
membrane pores, pore size, and pore structure). Certain
techniques can be used to probe membrane integrity and
structural properties, and others to monitor changes in
protein structure. Selected examples highlighting the utility
of the techniques for the resolution of mechanistic aspects of
membrane-active proteins and peptides are given. Many of
the highlighted techniques have already generated essential
information concerning the membrane-permeabilizing activ-
ities of amyloidogenic proteins. In the case of techniques
which have not yet been applied to amyloidogenic proteins,
we describe how these methods have contributed to our
understanding of the molecular mechanisms by which anti-
microbial peptides, pore-forming toxins, and other designed
membrane-permeating peptides operate on membranes.
Given the structural and mechanistic similarities linking
amyloidogenic proteins with pore-forming toxins and anti-
microbial peptides, the application of these last techniques in
the future would certainly advance our current understanding
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of the interaction between amyloidogenic proteins and
membranes.
4.3.1. Does Binding of the Protein/Peptide to the Membrane
Surface Accelerate Its Aggregation?
Avariety of techniques may be employed to demonstrate
the membrane-mediated catalysis of fibrillogenesis, including
imaging methods (AFM and TEM), binding to amyloid-
specific dyes, and techniques for monitoring changes in
protein size (i.e. gel electrophoresis, size-exclusion chroma-
tography, and light scattering).
In situ AFM was recently used to image the growth of
Ab26–35 fibrils on supported POPC lipid bilayers parallel to the
membrane surface.[128] Fibril formation resulting from the
incubation of amyloid proteins in the presence of lipid
membranes can also be visualized by TEM.[69] Acceleration
of the fibril formation of Ab(1–40) in the presence of
ganglioside model membranes was demonstrated by this
technique.[26a] A separate study demonstrated the breaking of
Ab(1–40) fibrils into smaller soluble oligomers in the
presence of a lipid monolayer.[73]
Acceleration of the formation of protein aggregates or
fibrils by membranes is readily detected by the fluorescence
enhancement of the amyloid-specific dye thioflavin T
(ThT).[130] By this technique, it was demonstrated that Ab-
(1–40) aggregation was accelerated in the presence of
gangliosides[26a,50,106] as well as DPPG-containing vesicles[11b]
and SDS micelles.[69]
Membrane-induced oligomerization of amyloid proteins
has also been monitored by gel electrophoresis. Amyloid
proteins, including a-synuclein and Ab, have been shown to
form higher-order oligomers following reconstitution and
extraction from DOPC liposomes by gel electrophoresis.[7b]
4.3.2. Detection of Membrane Permeabilization/Disruption
The disruption of model-lipid-bilayer structural integrity
in the presence of a protein is a first indicator of toxic
function. The incorporation of spectroscopic probes either
within the interior of vesicles or within the lipid layers
themselves provides a number of ways to indirectly probe the
weakening of the membrane structure. Other methods
include calorimetry or direct membrane imaging by fluores-
cence microscopy and cryo-EM. Although several of these
methods can be adapted to provide more-detailed mecha-
nistic information, as described in
the following sections, the tech-
niques discussed herein provide a
means to detect general membrane
destabilization, but do not resolve
the structural and mechanistic
details involved in the process.
4.3.2.1. Dye-Leakage Assays
Dye-leakage assays are com-
monly used to detect changes in
membrane permeabilization and
disruption of bilayer integrity as a result of peptide or protein
binding.[131] In these experiments, LUVs are loaded with
fluorescent or colored dyes. The weakening of lipid packing as
a result of peptide binding to the membrane enables the
intravesicular dye to “leak” to the external buffer medium,
where it causes a change in fluorescence or color
(Figure 13).[132] The common fluorophores and dyes used in
dye-leakage assays are given in Table 1 with the correspond-
ing color or fluorescence changes that occur upon membrane
permeabilization, along with key references.
Among the most common dye-leakage assays for mon-
itoring protein/peptide-induced membrane permeabilization
are fluorescence-dequenching assays in which LUVs are
loaded with self-quenching fluorophores, such as carboxy-
fluorescein[85] or calcein,[46,84b] at high concentrations in the
vesicle interior (Figure 13). Dye leakage from the vesicle
interior as a result of peptide-induced membrane permeabi-
lization leads to fluorophore dequenching and a dramatic
increase in fluorescence owing to fluorophore dilution in the
extravesicular buffer.[133] Cation complexation by fluorescent
dyes is also a popular method for the detection of protein- or
peptide-mediated vesicle permeabilization. The Tb3+/DPA
Figure 13. Illustration of the principle of vesicle dye-leakage assays on
the basis of the carboxyfluorescein-dequenching assay. Dye leakage
can be induced by several mechanisms proposed for amyloid toxicity:
a) amyloid-pore formation; b) detergent-like membrane dissolution by
growing amyloid fibrils or aggregates; c) nonspecific leakage caused
by the binding of amyloid aggregates to the vesicle surface. CF=car-
boxyfluorescein.
Table 1: Dye-leakage assays for membrane permeabilization.
Dye Cation lex/lem Presence of pores Ref.
[a] +[a] [b] +[b]
DPA[c] Tb3+ 270/545 – – off on/green [131]
CF[d] – 492/517 orange yellow off on/green [85]
ANTS/DPX[e] – 360/530 – – off on/green [81]
fura-2 Ca2+ 340/510 – – off on/green [75]
arsenazo III Ca2+, Cu2+ 560 red blue – – [132]
PV[d] Cu2+ 450 yellow blue – – [132]
[a] Color. [b] Fluorescence. [c] DPA=dipicolinic acid. [d] CF= carboxyfluorescein. [e] ANTS=8-amino-
1,3,6-trisulfonic acid, DPX=p-xylenebispyridinium bromide.
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assay relies on the formation of a highly fluorescent ligand–
receptor complex between terbium cations (Tb3+) and
dipicolinic acid (DPA).[81,131] The vesicle is loaded with
either Tb3+ or DPA, and the corresponding partner is applied
to the vesicle exterior so that the complexing species are fully
separated by the bilayer. Peptide-induced permeabilization
enables Tb3+ and/or DPA to pass through the membrane and
come into contact with its partner to form a highly fluorescent
complex and signal vesicle permeabilization. Similarly, vesi-
cles loaded with fura-2, a fluorescent sensor for Ca2+ cations,
indicate membrane permeabilization by the formation of a
highly fluorescent complex with extravesicular Ca2+.[11a,75]
Other colored dyes, such as arsenazo III and pyrocatechol
violet, respond to membrane permeabilization upon binding
to extravesicular cations, such as Cu2+ or Ca2+, with a dramatic
solution-color shift.[132] However, these assays typically
require millimolar cation concentrations, which could cer-
tainly interfere with the aggregation of amyloid proteins and
their interactions with the membrane.[55,62,63,67] In the ANTS/
DPX assay, anionic 8-amino-1,3,6-trisulfonic acid (ANTS)
fluorophores are coentrapped with cationic p-xylenebispyr-
idinium bromide (DPX) fluorescence quenchers in lipid
vesicles. Separation of the ANTS acceptor and DPX donor
as a result of peptide-induced leakage is detected as an
enhancement in ANTS emission.[81]
The main disadvantage of dye-leakage assays is that they
do not provide a clear mechanistic picture of peptide-induced
membrane disruption, since nearly all mechanisms that cause
defects in bilayer structure promote the passage of dyes or
ions through the lipid bilayer (Figure 13).
4.3.2.2. Lipophilic Fluorescent Probes
Lipophilic fluorescent probes, such as 1,6-diphenyl-1,3,5-
hexatriene (DPH) and Laurdan, report changes in membrane
fluidity and lipid-chain dynamics as a result of peptide or
protein binding.[114,134] Vesicles are prepared by incorporating
the fluorescent probe (ca. 1 mol%) within the membrane
interior. In the case of DPH, a decrease in fluorescence
anisotropy reflects a decrease in membrane ordering.[134]
Laurdan is a polarity-sensitive dye that reports the penetra-
tion of water molecules into the hydrophobic lipid bilayer as a
result of membrane structural destabilization as an increase in
fluorescence.[114,134] Interestingly, through the use of these two
probes, the addition of monomeric a-synuclein to LUVs was
found to increase the structural ordering of bilayers.[134] In a
later study, decreases in membrane fluidity detected by DPH
in the presence of aged ThT-active undefined aggregates of a-
synuclein suggested that themembrane-disrupting structure is
a b-sheet aggregate.[38] An increase in the lipid structural
ordering of POPC vesicles containing cholesterol was also
observed following the incorporation of Ab(1–42) by using
Laurdan as a spectroscopic probe.[135]
4.3.2.3. Fluorescence Microscopy and Cryo-EM of Membranes
Changes in membrane-surface morphology as a result of
peptide or protein injection can be monitored by fluorescence
microscopy (FM).[106] Membranes are prepared by incorpo-
rating headgroup-labeled fluorescent lipids (less than 1%).
Common fluorescent labels include Texas Red, BODIPY, and
rhodamine. In the case of lipid monolayers, FM images of
ordered, condensed lipid phases are dark, as dye labels are
excluded from these regions owing to steric hindrance,
whereas less-ordered phases (liquid-expanded phases) are
bright owing to dye partitioning within these regions of the
monolayer.[106] Disruption of lipid packing as a result of
peptide binding is characterized by a decrease in dark regions
and an increase in bright regions in FM images.[106] Membrane
defects have been observed by FM in ganglioside-containing
membranes upon the addition of Ab[106] and in PG-containing
supported lipid bilayers following the injection of hIAPP.[13c]
Changes in GUV-surface morphology in the presence of
hIAPP[13b] (Figure 11) and a-synuclein[46] have also been
imaged by FM.
Cryo-EM also offers an attractive means to image changes
in vesicle morphology in response to membrane-active
proteins. The advantage of cryo-EM over other imaging
techniques is that it does not require sample fixing or stains,
and thus preserves the vesicle structure in the hydrated state.
Distortions in the structure of DOPC/DOPS vesicles in
contact with hIAPP fibers were visualized by cryo-EM
(Figure 10b).[13a]
4.3.3. Does the Permeabilizing Peptide Operate at the Surface or
Penetrate the Membrane?
Peptides may bind to the membrane either by surface
association or insertion into the hydrophobic interior. Meth-
ods to distinguish surface-acting from membrane-penetrating
proteins generally involve the labeling of the peptide or lipid
alkyl chains with either paramagnetic or fluorescent reporter
molecules that are sensitive to the local solvent environment.
4.3.3.1. Site-Directed Spin Labeling of Proteins
Site-directed spin labeling (SDSL) of proteins or peptides
is an electron paramagnetic resonance (EPR) technique
which enables structural elucidation of the interaction of
proteins or peptides with membranes.[136] Selected residues
are mutated to cysteine, either by site-directedmutagenesis or
by solid-phase peptide synthesis, and subsequently treated
with a nitroxide reagent to introduce a spin label (Figure 14).
The accessibility of the labeled residues to polar (nickel
ethylenediaminediacetate, NiEDDA) or nonpolar (oxygen)
Figure 14. Peptide containing a cysteine residue modified with a nitro-
xide spin label as an example of the site-directed spin labeling of
proteins.
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paramagnetic colliders is used to calculate solvent-accessibil-
ity parameters,P, for each side chain to generate residue-level
information regarding the solvent environment of the mem-
brane-bound protein. Those residues which penetrate the
membrane exhibit higher accessibility to nonpolar quenching
agents, whereas those which are solvent-exposed have greater
accessibility to polar reagents. Thus, the P values for a
specified residue for polar versus nonpolar quenching agents
are fully out of phase with each other. Accessibility param-
eters can be further used to calculate depth parameters, F
(F= ln(P(O2)/P(NiEDDA))), which are directly propor-
tional to the membrane insertion depth of an individual
residue. The SDSL technique has been used to demonstrate
the membrane penetration of selected residues of IAPP[27c]
and a-synuclein[28a] (Figures 3 and 4b). More-detailed struc-
tural information can be derived by SDSL, such as protein
changes in conformation and the formation of water-filled
channels, as described in Sections 4.3.4. and 4.3.5.
4.3.3.2. Tryptophan Fluorescence
Tryptophan residues serve as site-specific fluorescent
probes for monitoring the degree of membrane penetration
of a protein or peptide. Blue shifting of the fluorescence of
tryptophan residues of amyloid-forming proteins or peptides
indicates peptide penetration into the hydrophobic environ-
ment of the bilayer.[137] In many cases, modification of the
native sequence to introduce a tryptophan reporter is
required. Blue shifting of modified Ab40[Y10W] by 15 nm
was observed upon the addition of anionic DPPC/PG and
POPC/PG SUVs, but not in the presence of electrostatically
neutral vesicles.[11b]
To determine the penetration depth of a membrane-active
peptide, spin labels or heavy atoms, such as dibromo or
nitroxide derivatives, are introduced at varying depths of the
lipids that make up the model membrane (i.e. at the lipid
headgroups or at a defined carbon atom in the lipid alkyl
chain).[138] Although this method has not yet been applied to
amyloidogenic proteins, the pattern of tryptophan-fluores-
cence quenching as a function of the depth of the quencher
can be used to generate angstrom-level resolution of the
membrane-penetration depth at a specified tryptophan res-
idue.[138,139] Phosphotidylcholine spin labeling at acyl carbon
atoms 5 and 12 was used to establish a penetration depth of
10.5–11  for the single tryptophan side chain for the bee-
venom-toxin mellitin in both neutral and anionic vesicles.[140]
A structural map describing the penetration depths in differ-
ent regions of the membrane-bound protein can be estab-
lished by monitoring various tryptophan probes at different
positions in the protein. By using brominated spin-labeled
fatty acids in PC vesicles, Raja et al. demonstrated that all
native tryptophan residues of a pore-forming a-toxin from
Straphylococcus aureus are positioned at the membrane–
solvent interface.[137] This technique has also been used to
resolve the pH-dependent membrane insertion of the N-
terminal region of diphtheria toxin in LUVs containing
selectively brominated carbon atoms in the lipid acyl
chains.[141]
The magnitude of tryptophan protection from collisional
quenchers, such as acrylamide[11b] or iodide (I),[81] is another
measure of penetration into the membrane. If the side-chain
residues of the lipid-bound peptide are buried within the
bilayer as a result of penetration, tryptophan residues are
characteristically protected from exposure to collisional
quenchers in the aqueous solvent. In the case of trypto-
phan-labeled Ab40[Y10W], accessibility to collisional
quenchers was reduced by 97% in the presence of DPPC/
PG SUVs owing to membrane insertion of the peptide.[11b]
4.3.3.3. Lipid-Monolayer-Expansion Analysis
Lipid-monolayer-expansion analysis on Langmuir lipid
films at the air–water interface has been employed to
demonstrate membrane penetration by antimicrobial pep-
tides, toxins, and amyloidogenic proteins.[106,123,142] Surface
pressure–area isotherms are determined by spreading a lipid
on a subphase free of peptide and compressing the resulting
lipid film to a fixed pressure, which is held constant.[121]
Following peptide injection into the aqueous subphase, the
change in area per lipid molecule (DA/A) is monitored.[121]
Peptide penetration into the membrane is reflected as an
increase in monolayer surface area as a result of a decrease in
lipid packing. Alternatively, membrane dissolution by the
peptide would lead to a decrease in the monolayer surface
area. Preferential insertion of Ab40 into anionic mono-
layers[142a] and ganglioside membranes[106] has been demon-
strated by this technique. The preferential insertion of
monomeric structures of hIAPP over fibrillar forms into
DOPC/DOPS was established on the basis of pressure–area
isotherms on lipid monolayers.[122]
4.3.3.4. X-Ray- and Neutron-Reflectivity Measurements
X-ray and neutron reflectivity are analogous techniques
which enable the angstrom-level resolution of changes in the
thickness and density of lipid monolayers as a result of
peptide or protein binding. Reflectivity data are fit to a
model, and detailed structural information regarding the
protein–membrane complex are extrapolated, such as the
depth of protein penetration into the membrane, the dime-
sionsions of the protein extending into the aqueous phase, and
the orientation of the membrane-bound protein. The selective
insertion of Ab40 into anionic lipid monolayers at the air–
water interface was demonstrated by the fitting of X-ray- and
neutron-reflectivity data, as was the lipid templating of
amyloid-fibril formation on anionic membrane surfaces.[10a]
X-ray-reflectivity data were also recently used to model the
time-dependant fibrillation of hIAPP on DOPC/DOPG lipid-
monolayer surfaces, including the processes of initial peptide
insertion followed by the dissociation of aggregated forms of
hIAPP from the membrane surface.[109]
4.3.3.5. Oriented Solid-State and Solution NMR Spectroscopy
and Oriented Circular Dichroism
Solid-state NMR spectroscopy of 15N-, 13C-, or 2H-labeled
peptides reconstituted into macroscopically oriented lipid
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bilayers has been used to probe the orientation of membrane-
binding proteins with respect to the membrane normal to
evaluate in-plane (surface-bound) versus transmembrane
orientations.[143] This technique was used to establish the
transmembrane alignment of the pore-forming antimicrobial
peptides alamethicin[143a,144] and melittin.[143b] . Solution NMR
spectroscopy with paramagnetic relaxation enhancement
enables the membrane-immersion depth of heavy-atom-
labeled protein positions to be determined. This technique
was used to confirm the transmembrane alignment of
alamethicin.[145] Similarly, oriented circular dichroism with
reconstituted proteins in stacked multilayer membranes
demonstrated that the cytolytic peptide mellitin can be
oriented parallel or perpendicular to the membrane to form
a transmembrane pore.[146] However, these techniques have
not yet been employed with a view to uncovering the
membrane-bound orientations of amyloidogenic proteins.
4.3.4. What is the Conformation of the Membrane-Bound
Protein?
Membrane-surface-acting a helices and membrane-pene-
trating b-barrel or a-helical oligomers are among the possible
conformations of membrane-active amyloidogenic proteins,
antimicrobial peptides, and protein toxins. Besides circular
dichroism (CD), which is not discussed herein, more-
advanced techniques, such as SDSL and NMR spectroscopy,
enable residue-level resolution of the conformation of the
membrane-bound protein.
The periodicity of depth parameters,F, obtained by SDSL
of each residue across a membrane-bound peptide sequence
generates an informative map describing the membrane-
bound conformation of the protein and its orientation with
respect to the membrane.[136] For a membrane-associated a-
helical peptide, the i and i+4 residues, which are located on
the same face of the helix and are in a similar solvent
environment, will have similar F and P values, whereas the i
and i+2 residues, which are on opposite faces of the helix, one
exposed to the solvent and the other in contact with the
membrane, will be out of phase with each other. This
technique was used for the residue-level resolution of the
membrane-bound a-helical conformations of hIAPP (Fig-
ure 3)[27c] and a-synuclein (Figures 4b and 15).[28a]
The necessity for spectral resolution has precluded the
elucidation of the conformation of peptides in contact with
whole cells by high-resolution NMR spectroscopic tech-
niques. Instead, model membranes have proved to be suitable
scaffolds for structural determination by NMR spectroscopic
methods. Solution NMR spectroscopic techniques have been
used to derive the micelle-bound helical conformations of
Ab,[26c,d,31a] IAPP,[32,33,116] and a-synuclein (Figure 4a).[28b,147]
The structural resolution of membrane-bound b-sheet aggre-
gates and/or oligomeric transmembrane pores of amyloid-
forming proteins, which probably form at later stages follow-
ing membrane binding (Scheme 1), may be more difficult by
solution NMR spectroscopic techniques owing to diminished
protein solubility. Solid-state NMR spectroscopic methods,
which have been used successfully to resolve the structure of
amyloid fibrils, may also be useful for determing the
membrane-bound structures of the toxic b-sheet aggregates
of amyloid-forming proteins.[148] Although they have not yet
been employed for this purpose, solid-state NMR spectro-
scopic methods have been used to determine the conforma-
tion of other oligomeric pore-forming proteins, such as the a-
helical alamethin pore.[149] Furthermore, insight into the
oligomeric transmembrane b-barrel structure of the antimi-
crobial peptide protegrin-1 was also gained by solid-state
NMR spectroscopy.[150] Indeed, proposed structural analogies
between the pore structure of protegrin-1 and the Ab pore
suggest the potential of NMR spectroscopic methods for the
elucidation of amyloid-pore structures.[148,151]
As in the case of SDSL, the advantage of determining
protein conformations by NMR spectroscopy is the high-
resolution structural information it provides, in contrast to
more global conformation-detection methods, such as CD.
Structural resolution of the membrane-bound structures of
amyloid-forming proteins by these methods has, until now,
primarily relied on monomeric or heterogenous preparations
of amyloid-forming proteins. Atomic-level structures of well-
defined oligomeric samples alone or bound to membranes
Figure 15. Periodicity of the F values for spin-labeled a-synuclein in
the presence of lipid vesicles (reproduced from reference [28a]). These
values were used to derive the membrane-bound conformation shown
in Figure 4b. Residues with high F values (in red) are lipid-exposed
sites. Residues with red labels are on the same membrane-exposed
face of the helix (i.e. with i, i+4 spacings). Residues in green are on
the opposite solvent-exposed face of the helix.
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have not yet been reported. The lack of structural information
pertaining to well-defined oligomeric preparations in contact
with membranes primarily results from their transient nature
and the difficulties associated with their isolation.[65]
4.3.5. Nonspecific Leakage versus the Formation of Discrete Ion
Channels or Pores
The detection of peptide penetration by the aforemen-
tioned techniques does not necessarily demonstrate the
formation of a transmembrane pore, as regions or side
chains of the protein may only partially insert into the
membrane. Evidence for a water-filled channel can be derived
from patterns in accessibility parameters derived from SDSL
of membrane-binding proteins.[136c] The measurement of
single-ion-channel conductance, however, is probably the
most direct technique for identifying true ion-channel or pore
activity.[91] Once true pore formation has been established, the
pore size can be resolved by the methods described in
Section 4.3.6.
Evidence for a water-filled pore may be provided by the
pattern of the P values determined from spin-labeled mem-
brane-bound peptides. The P values across a sequence are
generally quite uniform in magnitude for a surface-adsorbed
protein or peptide; the residues in contact with the mem-
brane, or those that are not in contact with the membrane,
display approximately the sameP value (Figure 16).[136c] For a
water-filled pore, however, residues located close to the pore
opening have a higher solvent accessibility, whereas those
near the center of the bilayer are in a more nonpolar
environment. In the case of a water-filled pore, the magnitude
of theP values will be greater near the center of the bilayer in
the presence of nonpolar paramagnetic colliders, and greater
near the pore openings in the presence of polar paramagnetic
colliders (Figure 16).[136c] This method has been used to
identify surface-adsorbed a helices for both hIAPP[27c] and
a-synuclein.[28a]
The measurement of single-channel conductance induced
by the protein or peptide in planar lipid bilayers (Figure 12h)
provides strong evidence for the formation of discrete ion
channels or pores.[7b,91] Typical ion channels stay open for only
a fraction of a second to enable the passage of ions through
the pore. Current traces as a function of time will reveal
current jumps corresponding to the opening and closing of
channels if discrete ion channels or pores exist (Figure 7a).[129]
Voltage gating (i.e. opening or closing of the channel in
response to variations in the electric field)[91] and ion
specificity are also general features of ion-channel or pore
activity.[76] A gradual increase in bilayer conductance, without
evidence for open and closed states, is indicative of weakening
of the bilayer barrier without the formation of discrete
channels or pores.[4a,b]
4.3.6.Measurement of Pore Size
The techniques described in this section may provide
further evidence for pore formation by a membrane-permea-
bilizing protein or peptide and can be used to characterize the
pore size. Pore size can be determined by size-selectivity
studies in dye-loaded vesicles or by direct imaging methods,
such as electron microscopy (EM), atomic force microscopy
(AFM), and cryo-EM.
4.3.6.1. Size Dependence of Dye Leakage
Fluorescein isothiocyanate (FITC)–dextrans have been
loaded into LUVs and used as pore-size probes. The size of
the FITC–dextran is controlled by the size of the dextran
polymer. By comparing the leakage rate of small fluoro-
phores, such as calcein or carboxyfluoresin, with that of
FITC–dextrans of various sizes through a peptide or protein
pore, an approximate pore size can be established.[152]
Typically, the small fluorophore-leakage rate is compared
with that of FITC–dextrans with molecular weights (MWs) in
the approximate range of 4000–40000. Small pores of
approximately 2–3 nm in diameter will only allow small-
molecule fluorophores to pass (e.g. carboxyfluorescein),
pores of 5–7 nm in diameter will allow the passage of
FITC–dextrans with molecular weights of 4000–20000, and
large pores of 8 nm in diameter or greater will also allow the
passage of FITC–dextrans with a molecular weight of
40000.[152] Nonspecific or detergent-like membrane dissolu-
tion by the peptide should not show any size discrimination
for dye leakage. Typical bacterial pores do not allow the
passage of molecules greater than 600 Da[91] in size owing to
the physical restraints of the cavity (d 0.8–1.1 nm), although
pore diameters as large as 15–45 nm have been reported for
the PFTs streptolysin O[153] and perfingolysin O.[154] The dye-
size threshold for membrane permeabilization by various
amyloidogenic proteins has yet to be established. The passage
of Ca2+ and dopamine induced by protofibrillar IAPP and a-
synuclein was shown to be considerably faster than the
passage of larger FITC–dextrans; however, although this
result suggests size selectivity, the specific pore diameter was
not determined.[86]
4.3.6.2. Electron Microscopy and Atomic Force Microscopy
For the direct visualization and determination of pore size,
EM and AFM are the methods of choice. They have been
used extensively to characterize the structural properties of
Figure 16. Idealized plots of P versus sequence position for a trans-
membrane water-filled pore (left) and a surface-adsorbed helix (right;
reproduced from reference [136c]). The accessibility of residues to
nonpolar oxygen paramagnetic colliders is shown in black; their
accessibility to polar paramagnetic colliders is shown in white.
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on- and off-pathway aggregation intermediates, including
amyloid pores, that form during the fibrillization of amyloid
proteins in vitro (Scheme 1). Internal pore diameters in the
range of 1.5–2.5 nm were found by EM for protofibrillar
species of a-synuclein and Ab (Figure 7c).[12a–c] Nanometer
resolution of the pore size of a pore-forming peptide or
protein incorporated into lipid bilayers is possible by AFM.
AFM images have provided high-resolution structural infor-
mation for several amyloidogenic proteins reconstituted into
lipid bilayers on a mica solid support (Figure 7b).[7b,8a]
Neutron scattering has been used to determine the inner
diameter of the alamethicin pore.[155] Furthermore, cryo-EM
images were recently used to measure the pore size of
magainin, an antimicrobial peptide.[156] Application of the
resulting curve to neutron-scattering theory and simulation
provided an average pore size of 8 nm for the magainin
pore.[156] Until now, pores formed from amyloidogenic
proteins have not been investigated by these methods.
4.3.7. Barrel-Stave versus Toroidal Pores
The classification of a peptide pore as a barrel-stave or
toroidal pore is an important step toward structural resolution
of the membrane-active species (Figure 9a). The classic
example of a barrel-stave-forming antimicrobial peptide is
alamethicin, for which important evidence for a barrel-stave
pore was provided by single-channel conductance measure-
ments.[146,157] Specifically, discrete conductance levels were
observed: a result indicating the formation of a persistent
channel. Further support for a barrel-stave model for
alamethicin was provided by a combination of solid-state
NMR spectroscopy,[143a,144,149,158] solution NMR spectroscopy,
and MD simulations, all of which indicated that this protein
forms a transmembrane a-helical pore.[145] Less reproducible
ion-channel conductance patterns have been observed for a-
helical magainin peptides, which are believed to form toroidal
pores. The poor reproducibility of the patterns is thought to
reflect the fact that toroidal pores are variable rather than
discrete structures.[146] Such methods may also be used to
deduce structural information regarding amyloid pores.
Other techniques, such as differential scanning calorim-
etry (DSC) and solid-state NMR spectroscopy on bicelle
models, were employed to detect the induction of membrane
curvature, which is characteristic of toroidal-pore intermedi-
ates.[105] A shift in the phase transition between the liquid-
crystalline (La) and inverted-hexagonal (HII) phase in
DiPoPE membranes in the presence of IAPP peptides, as
monitored by DSC, supported the induction of negative-
membrane-curvature strain and possible toroidal-pore struc-
tures.[105] The preferential binding of peptides to the highly
curved regions of model bicelle membranes provides support
for membrane permeabilization through the formation of
toroidal pores. For example, the observation of headgroup 31P
chemical shifts at bicelle curved perforations in the presence
of IAPP indicated the induction of toroidal-pore structures by
the protein.[105]
Spectroscopic assays are also available that can provide
evidence for toroidal-pore intermediates. The lipid flip-flop
assay detects the translocation of lipids from the outer to the
inner membrane leaflet, as promoted by the formation of
toroidal pores.[117,152,159] Coupling of the lipid flip-flop assay
with dye leakage from dye-loaded vesicles indicates the
formation of toroidal pores. This technique has not yet been
applied to mechanistic studies of amyloid-forming proteins.
4.3.8. Detection of Membrane Fusion
Membrane permeabilization may also occur by peptide-
or protein-induced membrane fusion. It is not likely that a
fusion mechanism alone is responsible for membrane desta-
bilization in the case of amyloidogenic proteins, as even fusion
complexes can be associated with the formation of pores.[160]
The process of peptide/protein-induced fusion involves:
1) the tethering of membranes, 2) membrane destabilization,
during which the contents of a bilayer may leak, and 3) fusion
to larger membrane structures.[161]
Membrane fusogenic activity has been demonstrated on
several occasions with Ab[10a,106,162] and the amyloidogenic
prion-protein fragment PrP(106–126),[163] and has been impli-
cated for a-synuclein membrane activity.[164] Vesicle-fusion
assays monitor vesicle fusion spectroscopically and have been
employed to demonstrate the membrane fusogenic activity of
an Ab fragment.[162b] Typical vesicle-fusion assays rely on
FRET with fluorophore-labeled lipid vesicles[163,165] or core-
mixing assays.[166] Dynamic light scattering also offers a means
of determining changes in the vesicle hydrodynamic radius as
a result of peptide-induced fusion, and has recently been used
to demonstrate increases in vesicle radius upon incubation
with Ab.[10a,106] Furthermore, the formation of larger vesicles
by peptide-induced vesicle fusion may be imaged directly by
fluorescence microscopy with labeled lipids[167] or by cryo-
EM.
5. Summary and Outlook
Substantial experimental evidence indicates that the
toxicity of amyloid-forming proteins is related to their
interaction with cell membranes. A connection has been
observed between membrane-induced fibril formation and
amyloidogenic-protein-induced membrane disruption. The
process of amyloid-fibril formation is enhanced at the surface
of anionic membranes, by the promotion of the transforma-
tion from native soluble protein!a helix!prefibrillar b-
sheet oligomers. A likely target for these prefibrillar aggre-
gates is the cell membrane itself, as the prefibrillar aggregates
exhibit higher membrane-permeabilizing activity than either
monomeric or fibrillar forms. The direct visualization of
annular porelike protofibrillar oligomers with striking mor-
phological resemblance to the membrane-active structures of
the pore-forming toxins, as well as the demonstration of
channel-like conductance states in several amyloid-forming
proteins, supports the hypothesis that a porelike mechanism
underlies the toxicity of amyloidogenic proteins. However,
pore activity may only represent a fraction of the permeabi-
lization process. Recent studies with IAPP, in particular,
demonstrated complete membrane degradation by lipid
extraction and uptake into growing IAPP fibrils, in analogy
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with the detergent-like carpet model proposed for certain
antimicrobial peptides.
Although further studies are required, we can begin to
construct a mechanistic model of the permeabilization
process by integrating the results presented herein. Prefibril-
lar aggregates derived from a-helical precursors bind to or
form on the membrane and form transmembrane b-sheet
annular structures that enable the unregulated leakage of
cellular contents through the pore. At later stages of
aggregation, the developing fiber begins to extract lipid
molecules from the membrane. This process eventually
results in complete loss of the membrane barrier function.
This behavior could explain why the process of fibril
formation, rather than a discrete intermediate, has sometimes
been associated with membrane disruption and toxicity in
some reports.
Many of the studies presented herein were based on
monomeric or aged heterogenous samples with an ill-defined
structure and oligomeric state. Given the complexity of
amyloid-fibril formation, the vast number of intermediate
oligomeric states that exist in exchange with one another, and
the lack of knowledge concerning the three-dimensional (3D)
structures of the various intermediate states, complete
coherence of experimental results from different studies
may not be possible unless standardized protein-preparation
procedures are adopted. If some of these discrepancies are to
be resolved, the initial steps should be to optimize the
isolation of the dominant intermediate oligomeric species, if
possible, and resolve their 3D structures. Mechanistic studies
and assays may then be applied to these samples to identify
the species with the highest membrane-permeabilizing activ-
ity and resolve the molecular process of membrane disrup-
tion. Indeed, it may be that not one oligomeric state, but
rather the dynamic exchange that occurs during fibril
formation, is responsible for membrane disruption, as has
been suggested in several recent articles.
Ongoing studies with artificial membrane model systems
have begun to contribute valuable insight into the mecha-
nisms by which amyloidogenic proteins interact with mem-
branes and induce cell toxicity. These studies have uncovered
several analogies between amyloid-forming proteins and the
pore-forming toxins and antimicrobial peptides. Thus, we can
employ techniques that have previously provided mechanistic
information regarding the activity of the pore-forming toxins
and antimicrobial peptides to fill the knowledge gap that
exists for the amyloid-forming proteins, which are not so well-
characterized. It is our hope that this Review will further
stimulate research toward this end.
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